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Foreword 

The Training Workshop on Diagnosis of Plant Parasitic Nematodes represents a key 
activity of the Project on Taxonomic capacity building to support market access for 
agricultural trade in the ASEAN region – Phase 2, supported by the Japan ASEAN 
Integration Fund.  The topic of Diagnosis of Plant Parasitic Nematodes was one of the 
priorities selected by the Project Steering Committee in recognition of the paucity of 
skilled plant nematologists in the ASEAN region. 

The Training Manual on the Diagnosis of Plant Parasitic Nematodes is one of key 
resources prepared by resource persons for use at the Training Workshop.  While it 
served as the main training resources, it is felt that the training manual may well serve 
as a reference manual for other plant protection personnel in ASEAN who may not have 
had the opportunity to participate in the training workshop.  The publication of this 
training manual was therefore mooted for wider dissemination among interested 
individuals within ASEAN.  We hope it will contribute to the wider objective of the JAIF 
Project, that is taxonomic capacity building to support market access in ASEAN. 

15th April 2020 

Dr Lum Keng Yeang 
Chairperson and Project Manager 
ASEANET 
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INTRODUCTION 
Plant-parasitic nematodes (PPNs) cause serious problems in agricultural crops throughout the 

world from tropical to cold part of agricultural region. Especially, in tropical and subtropical 

regions, such as South-East Asia where agriculture occupies an important position in the economy. 

PPNs proliferate so quickly at high growth rate that crops sometimes suffer considerably high yield 

loss. Because the symptoms caused by PPNs resemble to that of plant disease or physiological 

disorders, diagnosis is very important to deal with the damage appropriately. 

 

There are several species of PPNs, such as root-knot nematodes (Meloidogyne spp.), root-

lesion nematodes (Pratylenchus spp.) and cyst nematodes (Heterodera and Grobodera spp.). 

However, detection and identification of PPNs are difficult even for researchers because they are 

so tiny, have few morphological characters that microscopes and special skills in nematology are 

needed. Even in such situations, there are very few researchers of PPN in South-East Asia. For this 

reason, fostering of nematologists is urgently required in this area. 

The training workshop on Diagnostics of Plant Parasitic Nematodes has been organized from 

23rd February to 7th March 2020 at the Applied Research Institute of Agriculture Quarantine 

(ARIAQ) in Bekasi, Indonesia and participated by 20 official participants from the ASEAN 

member countries and 3 observers from Indonesia.  

The participants are going to study the biology and ecology of PPNs and the importance and 

difficulties in control through series of lectures. In the laboratory and field work, participants are 

going to practice to collect and extract PPNs from the field and learn morphological and DNA 

analysis techniques for identifying PPNs. 

 

OBJECTIVES OF THE TRAINING WORKSHOP 

This workshop aims to provide participants with the knowledge of basic and practical 

understanding of general nematology and PPNs, how to identify important PPN species and 

several management methods for them, such as chemical, physical, biological, cultural methods, 

and so on. To achieve these aims, the training course covers the following topics: collection 

method and theory, basic taxonomy and ecology of major species, families and genera of PPNs, 

collecting and preparation of specimens, identification based on morphological characters and 
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DNA analysis, impacts of PPNs on major agricultural crops, and available options of management. 

Thereby, upon completion of training, participants will have enough knowledge on nematology to 

design effective management plans for controlling PPNs. 

 
MAIN ACTIVITIES 

The training workshop was conducted by a combination of interactive lectures, laboratory 

practices and field visits. Field observation and sampling were carried out in crop fields. 

 

Lectures: 

 

1. To become aware of the importance of PPNs on agriculture in the world, especially in 

tropical and sub-tropical area. 

2. To acquire knowledge on the biology, ecology, and population distribution of PPNs. 

3. To learn how to identify the symptoms (above and below grounds) of PPN-infected crops as 

one cause of poor growth due to continuous cropping. 

4. To acquire knowledge on the taxonomy and classification of PPNs in relation to other 

nematode taxon; morphological characteristics and DNA barcoding of major genera and 

species. 

5. To acquire knowledge on recent advances in identifying PPNs; focused on DNA extraction 

method, and analyses such as PCR, RFLP, real-time PCR and DNA sequencing method. 

6. To learn how to protect crops from PPNs by chemical, physical, biological, cultural 

(including use of crop rotation, resistant varieties, nematode-suppressive or non-host plants) 

methods, and so on. 

7. To become aware of the importance of international migration of PPNs as a serious problem 

on plant quarantine. 

 

Laboratory: 

 

1. To learn the symptoms (shoot wilting, root gall, root lesion, etc.) caused by different genera 

of PPNs. 

2. To learn the basic techniques in soil and plant sampling, and proper handling of samples. 

3. To learn how to extract PPN from soil and plant parts (Maceration - Baermann funnel 

method and sieving method)  
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4. To learn the morphological characters of major genera of PPNs for tentative identification 

and how to assess their population by nematode count them under a microscope. 

5. To learn how to extract DNA from an individual nematode, perform PCR and RFLP assay 

for species identification. 



LECTURE NOTE 1: 

GENERAL INTRODUCTION TO NEMATOLOGY 

4



nematode

human
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https://www.youtube.com/watch?v=vT8bms2RHe8 10
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LECTURE NOTE 2: 

DISEASES CAUSED BY PLANT PARASITIC NEMATODES: 

SIGNS AND SYMPTOMS 

16



Lecture 2

Training Workshop on the Diagnostics of Plant Parasitic Nematodes, ARIAQ, Bekasi, Indonesia 
23 February to 7 March 2020 

Marita S. Pinili, Ph.D 
University Researcher III 

National Crop Protection Center 
College of Agriculture and Food Science 

University of the Philippines Los Baños, College, Laguna 4031 
Philippines 



Training Workshop on the Diagnostics of Plant Parasitic Nematodes, ARIAQ, Bekasi, Indonesia, 23 February to 7 March 2020 

On seeing suppressed growth/decreased production in crops 

Stage 1 Look for and assess symptoms of nematode damage 

Stage 2 Collect  soil and plant tissue samples 

Stage 3 Extract nematodes from substrates 

Stage 4 Identify nematodes 

Stage 5 Nematode density assessment 

Stage 6 Nematode damage analysis 

Stage 7 Management decision 

18



Training Workshop on the Diagnostics of Plant Parasitic Nematodes, ARIAQ, Bekasi, Indonesia, 23 February to 7 March 2020 

Early blight  
(Alternaria solani) 

Bacterial wilt  
(Ralstonia solanacearum) 

Leaf curl 
(Tomato leaf curl virus) 

Fruit rot 
(Phytophthora infestans) 

Typical symptoms 

19



Training Workshop on the Diagnostics of Plant Parasitic Nematodes, ARIAQ, Bekasi, Indonesia, 23 February to 7 March 2020 

Eriophyes padi  or galls mites pierce and 
feed on individual plant cells, causing the 
surrounding cells to enlarge and multiply 

to form the gall (host: blackthorn) 

Spodoptera sp.  or armyworm is the 
caterpillar stage of certain moths and 

they can occur in large numbers 
especially after good rain following a 

dry period. They feed on young leaf 
tissue giving the leaf margins a tattered 

appearance. Heavy feeding leaves only 
the midrib of the leaf 

Typical symptoms 

20



Training Workshop on the Diagnostics of Plant Parasitic Nematodes, ARIAQ, Bekasi, Indonesia, 23 February to 7 March 2020 

Symptoms of Nematode Damage 

Above ground

Stunting

Chlorosis

Decline

 Incipient wilting

Deformation of tissues

Discoloration of tissues

21



Training Workshop on the Diagnostics of Plant Parasitic Nematodes, ARIAQ, Bekasi, Indonesia, 23 February to 7 March 2020 

Symptoms of Nematode Damage 

Below ground

Excessive root branching

Poor root growth

Stubby root

Root lesion

Root rot

Root gall

22



Root-Knot (Meloidogyne spp.) 

Most important nematode group

Serious pathogens of several economically important
crops

Occur in all tropical and temperate countries

Belowground symptoms:
 Poor root growth

 Galls on roots, pegs, and pods

Aboveground symptoms:
 Incipient wilting

 Chlorosis

 Sparse growth

Training Workshop on the Diagnostics of Plant Parasitic Nematodes, ARIAQ, Bekasi, Indonesia, 23 February to 7 March 2020 
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Root-knot of Potato (Meloidogyne spp.) 

M. hapla: small but distinct galls
(together with extensive root
proliferation)

M. incognita: large, easily
noticeable galls

M. chitwoodi: often not easily
detected and are more apparent
in some cultivars than in others;
When present, the galls appear
as small raised swellings on the
tuber surface above the
developing nematodes.

Training Workshop on the Diagnostics of Plant Parasitic Nematodes, ARIAQ, Bekasi, Indonesia, 23 February to 7 March 2020 

24



Root-knot of Peanut 
 (Meloidogyne arenaria Race 1) 
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Chlorotic peanut plants due to M. arenaria infection of roots 

Training Workshop on the Diagnostics of Plant Parasitic Nematodes, ARIAQ, Bekasi, Indonesia, 23 February to 7 March 2020 26



Root-knot of Rice 
 (Meloidogyne graminicola) 

Training Workshop on the Diagnostics of Plant Parasitic Nematodes, ARIAQ, Bekasi, Indonesia, 23 February to 7 March 2020 
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 Whole plant: dwarfing; early
senescence

 Leaves: abnormal color;
wilting

 Roots: reduced root system;
cysts on root surface
 G. rostochiensis : yellow cysts

 G. pallida: white cysts

 Vegetative organs: surface
cracking

Training Workshop on the Diagnostics of Plant Parasitic Nematodes, ARIAQ, Bekasi, Indonesia, 23 February to 7 March 2020 30



G. rostochiensis (golden 
cyst nematode) 

G. pallida  
(white cyst nematode) 

Training Workshop on the Diagnostics of Plant Parasitic Nematodes, ARIAQ, Bekasi, Indonesia, 23 February to 7 March 2020 
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Training Workshop on the Diagnostics of Plant Parasitic Nematodes, ARIAQ, Bekasi, Indonesia, 23 February to 7 March 2020 
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 Symptoms on citrus trees develop slowly

 Leaves of infected trees are smaller than normal and
are commonly chlorotic

 Wilting is more pronounced in infected trees than in
healthy trees during conditions of water stress

 Heavily infected fibrous roots appear thicker than
healthy roots

 Infected fibrous roots decay because of the lesions
and because secondary organisms infect them at the
sites of nematode penetration and feeding.

 Heavy nematode root infections result in root lesions
and cortical sloughing

Training Workshop on the Diagnostics of Plant Parasitic Nematodes, ARIAQ, Bekasi, Indonesia, 23 February to 7 March 2020 
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Symptoms of citrus decline caused 
by Tylenchulus semipenetrans (citrus 

nematode) 

Training Workshop on the Diagnostics of Plant Parasitic Nematodes, ARIAQ, Bekasi, Indonesia, 23 February to 7 March 2020 34



Tylenchulus semipenetrans (citrus 
nematode) infection of citrus roots 

Training Workshop on the Diagnostics of Plant Parasitic Nematodes, ARIAQ, Bekasi, Indonesia, 23 February to 7 March 2020 35



Stunting of cotton 
(Rotylenchulus reniformis) 

Training Workshop on the Diagnostics of Plant Parasitic Nematodes, ARIAQ, Bekasi, Indonesia, 23 February to 7 March 2020 
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Damage to pineapple plants caused by reniform nematodes (foreground) compared to 
nematicide treated plots in the background. Plants severely infected by nematodes show 

water and nutrient stress, with stunted growth. 

Stunting of pineapple 
(Rotylenchulus reniformis) 

Training Workshop on the Diagnostics of Plant Parasitic Nematodes, ARIAQ, Bekasi, Indonesia, 23 February to 7 March 2020 
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Rotylenchulus reniformis (reniform nematode) 

-Forms syncytia near root pericycle 
-Eggs laid in gelatinous matrix 
-Above ground: dwarfing, shedding of   

leaves, stunting.  
-Below ground: root discoloration and 

necrotic (dead) with areas of decay  
-Important hosts: cotton, pineapple, banana, 

cowpea, fruit tree 

Training Workshop on the Diagnostics of Plant Parasitic Nematodes, ARIAQ, Bekasi, Indonesia, 23 February to 7 March 2020 
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 The most obvious symptom is
the toppling over or uprooting
of plants, especially those
bearing fruit

 damage ranges from the
lengthening of the  vegetative
cycle to the drastic reduction
in bunch weight

 Several dark red lesions
appear on the outer part of the
root, penetrating throughout
the cortex but not into the
stele; adjacent lesions may
coalesce and the cortical root
tissue atrophies and later turns
black. In heavy infestations the
lesion girdles the roots

Training Workshop on the Diagnostics of Plant Parasitic Nematodes, ARIAQ, Bekasi, Indonesia, 23 February to 7 March 2020 
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Migration and feeding of R. similis create tunnels that lead to 
necrosis of infected tissues (roots, corm, rhizome). 

Training Workshop on the Diagnostics of Plant Parasitic Nematodes, ARIAQ, Bekasi, Indonesia, 23 February to 7 March 2020 
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- Practically wiped out (90%) 
black pepper industry in Bangka, 
Indonesia in the 1930’s 

- Leaf chlorosis 

- Stunted growth, and severe 
dieback leading to plant death 

- roots are necrotic and without 
feeder roots 

Training Workshop on the Diagnostics of Plant Parasitic Nematodes, ARIAQ, Bekasi, Indonesia, 23 February to 7 March 2020 
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-   stunting, reduced vigour and tillering 

- the topmost leaves become chlorotic 
with scorched tips 

-  affected plants tend to mature and dry 
out faster than unaffected healthy 
plants.  

- Incipient infections of the rhizomes are 
evidenced by small, shallow, sunken, 
water-soaked lesions. 

Training Workshop on the Diagnostics of Plant Parasitic Nematodes, ARIAQ, Bekasi, Indonesia, 23 February to 7 March 2020 
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Nematodes Associated with Corn 

Dagger nematode Xiphinema 

Lance nematode Hoplolaimus 

Lesion nematode Pratylenchus 

Needle nematode Longidorus 

Spiral nematode Helicotylenchus 

Sting nematode Belonolaimus 

Stunt nematode Tylenchorhynchus 

Training Workshop on the Diagnostics of Plant Parasitic Nematodes, ARIAQ, Bekasi, Indonesia, 23 February to 7 March 2020 43



Stunting of corn caused by feeding of various nematodes. 

Training Workshop on the Diagnostics of Plant Parasitic Nematodes, ARIAQ, Bekasi, Indonesia, 23 February to 7 March 2020 44



Stubby root caused by 
Longidorus and Belonolaimus 

Training Workshop on the Diagnostics of Plant Parasitic Nematodes, ARIAQ, Bekasi, Indonesia, 23 February to 7 March 2020 
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Root necrosis caused by 
migration and feeding of 
Pratylenchus spp. in roots 

Training Workshop on the Diagnostics of Plant Parasitic Nematodes, ARIAQ, Bekasi, Indonesia, 23 February to 7 March 2020 46



•Hirschmanniella oryzae
•H. imamuri
•H. spinicaudata

Training Workshop on the Diagnostics of Plant Parasitic Nematodes, ARIAQ, Bekasi, Indonesia, 23 February to 7 March 2020 
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Thinning of turfgrass 
(Hoplolaimus galeatus) 

Training Workshop on the Diagnostics of Plant Parasitic Nematodes, ARIAQ, Bekasi, Indonesia, 23 February to 7 March 2020 
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 Brown leaf spots delimited by veins (hence, appear angular) and
progressive yellowing of leaves.

 Infected leaves become crinkled and deformed.

 Entire plant appears stunted and dwarfed.

Training Workshop on the Diagnostics of Plant Parasitic Nematodes, ARIAQ, Bekasi, Indonesia, 23 February to 7 March 2020 
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 Chlorosis of tips of new
leaves from the leaf
sheath. These tips later
dry and curl, while the
rest of the leaf may
appear normal.

 Leaf margins may be
distorted and wrinkled
but leaf sheaths are
symptomless.

 Infected seeds have
reduced viability

 Diseased plants less
vigorous and shorter

Training Workshop on the Diagnostics of Plant Parasitic Nematodes, ARIAQ, Bekasi, Indonesia, 23 February to 7 March 2020 
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 Whole plant: plant death;
dieback; dwarfing; early
senescence.

 Leaves: necrotic areas;
abnormal colours; abnormal
patterns; abnormal forms;
yellowed or dead; leaves
rolled or folded.

 Stems: discoloration of bark;
stunting or rosetting.

 Inflorescence: discoloration
panicle; twisting and
distortion.

 Seeds: discolorations; empty
grains.

Training Workshop on the Diagnostics of Plant Parasitic Nematodes, ARIAQ, Bekasi, Indonesia, 23 February to 7 March 2020 
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LECTURE NOTE 3: 

ECONOMICALLY IMPORTANT PLANT PARASITIC 

NEMATODES 
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LECTURE NOTE 4: 

SAMPLING: PRINCIPLES AND METHODS 
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Lecture 4

SAMPLING: Principles and 
Methods 

Marita S. Pinili, Ph.D 
University Researcher III 

National Crop Protection Center 
College of Agriculture and Food Science 

University of the Philippines Los Baños, College, Laguna 4031 
Philippines 

Training Workshop on the Diagnostics of Plant Parasitic Nematodes, ARIAQ, Bekasi, Indonesia 
23 February to 7 March 2020 

Training Workshop on the Diagnostics of Plant Parasitic Nematodes, ARIAQ, Bekasi, Indonesia 23 February to 7 March 2020 

Stage 1 

Stage 2 

Stage 3 

Stage 4 

Stage 5 

Stage 6 

Stage 7 

On seeing suppressed growth/decreased production in crops 
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Training Workshop on the Diagnostics of Plant Parasitic Nematodes, ARIAQ, Bekasi, Indonesia 23 February to 7 March 2020 
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Augur 
Training Workshop on the Diagnostics of Plant Parasitic Nematodes, ARIAQ, Bekasi, Indonesia 23 February to 7 March 2020 

Sampling tools 
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Depends on the purpose 

Training Workshop on the Diagnostics of Plant Parasitic Nematodes, ARIAQ, Bekasi, Indonesia 23 February to 7 March 2020 

Sampling patterns 

Training Workshop on the Diagnostics of Plant Parasitic Nematodes, ARIAQ, Bekasi, Indonesia 23 February to 7 March 2020 72



H. glycines 
Training Workshop on the Diagnostics of Plant Parasitic Nematodes, ARIAQ, Bekasi, Indonesia 23 February to 7 March 2020 

Diagnostic sampling 

A 

C B 
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Training Workshop on the Diagnostics of Plant Parasitic Nematodes, ARIAQ, Bekasi, Indonesia 23 February to 7 March 2020 
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Aerial photo of a field heavily infested with nematode. 
Training Workshop on the Diagnostics of Plant Parasitic Nematodes, ARIAQ, Bekasi, Indonesia 23 February to 7 March 2020 

Contour map showing the spatial distribution 
of nematode in a field. Training Workshop on the Diagnostics of Plant Parasitic Nematodes, ARIAQ, Bekasi, Indonesia 23 February to 7 March 2020 
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representative

space and cost 

Representation Cost 

Training Workshop on the Diagnostics of Plant Parasitic Nematodes, ARIAQ, Bekasi, Indonesia 23 February to 7 March 2020 76



Area 
Number of 

soil 
cores/sample 

< 500 m2 8 - 10 

500 m2 - 0.5 
ha 

25 - 35 

0.5 ha - 2.5 ha 50 - 60 

No. of 
samples/ha 

Detection level 
(cyst/kg soil) 

Precision (%) 

6 50 71.5 

100 90 

12 50 95.5 

100 99.3 

Precision of samples per hectare. 
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LECTURE NOTE 5: 

NEMATODE PHYSIOLOGY AND ANATOMY, AND THEIR 

IMPLICATIONS FOR QUARANTINE AND SURVIVAL 
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Freezing tolerance Freeze avoidance Anhydrobiosis Freeze-induced 
desiccation

freezing of external 
medium

freezing of external 
medium

desiccation of 
external medium 

freezing of external 
medium

inoculative freezing 
of nematode

supercooling of 
nematode

desiccation of 
nematode

desiccation of 
nematode by freeze 

concentration
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Many of the cyst nematodes become dormant
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LECTURE NOTE 6: 

INTRODUCTION TO NEMATODE EXTRACTION-  

PASSIVE AND ACTIVE TECHNIQUES 

89
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Lecture 6
Introduction to Nematode Extraction : 

Passive and active extraction techniques

Dr. Nurjanah
Indonesian Agricultural Quarantine Agency (IAQA)

TRAINING WORKSHOP ON PLANT PARASITIC NEMATODES
ARIAQ, Bekasi, Indonesia, 23rd February to 7th March 2020

1

2
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• Active extraction techniques,
dependent on behavior of
soil animal

• Passive techniques ,
dependent on specific gravity
or sedimentation rate, are
widely used in the extraction
of both nematodes and
microarthropods

Active Extraction Techniques : Baermann Funnel Method

• Many nematodes lie dormant in the soil or plant tissue and need
soaking in water for several hours before extraction.

• The Baermann funnel Method is convenient for extracting active
adult and Juvenile nematodes from small amount (30 to 100 cm3)
of finally crumbled soil and plant tissues.

• The principal advantage of the oldest, active method, namely the
Baermann funnel method, is based on the animal's movement
and gravity (no need electricity).

3

4
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The method is not effective for extracting :
 sluggish and sedentary nematodes (e.g. Criconemella,
Criconemoides, Hemicycliophora, and Xiphinema).

 nonvermiform, sedentary females of Globodera,
Heterodera, Meloidodera, Meloidogyne, Rotylenchulus, and
Tylenchulus.

• The procedure requires some 12 h, or overnight.
• Most nematodes are recovered after 24 to 48 h,
• the recovery will vary according to the sample size, temperature,

time of storage, extraction method, and nematodes species, as
does recovery by more elaborate techniques (Evans et al., 1993;
Southey, 1986).

• The active nematodes pass through the filter paper into clean
water

• Soil and plant material can be treated similarly to extract live,
motile nematodes.

5

6
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a. Modification 
Baerman funel l

b. Baerman funnell
c. Test sieve

Passive methods
• For more accuracy in determination of populations, the passive, or

flotation, techniques are generally preferred.
• Passive methods include :

- Filtration
- decanting and sieving
- flotation/centrifugation.
To remove the nematodes from the soil suspension.

Elutriation methods can be employed for handling larger quantities of 
soil, usually greater than 500 g, or to recover large amounts and a greater 
diversity of nematodes. Elutriation methods rely on fast mixing of soil and 
water in funnels. 

7

8
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Thank you

9
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LECTURE 7: 

EXTRACTION TECHNIQUE FOR ENDOPARASITE 

NEMATODES 
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Lecture 7

Extraction Technique for 
Endoparasitic Nematodes 

Marita S. Pinili, Ph.D 
University Researcher III 

National Crop Protection Center 
College of Agriculture and Food Science 

University of the Philippines Los Baños, College, Laguna 4031 
Philippines 

Training Workshop on the Diagnostics of Plant Parasitic Nematodes, ARIAQ, Bekasi, Indonesia 23 February to 7 March 2020 

Training Workshop on the Diagnostics of Plant Parasitic Nematodes, ARIAQ, Bekasi, Indonesia 23 February to 7 March 2020 
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Diversity of PPN and their substrates 

Training Workshop on the Diagnostics of Plant Parasitic Nematodes, ARIAQ, Bekasi, Indonesia 23 February to 7 March 2020 

Cysts of G.rostochiensis and G. pallida on root debris, tubers, and soil 

Training Workshop on the Diagnostics of Plant Parasitic Nematodes, ARIAQ, Bekasi, Indonesia 23 February to 7 March 2020 
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Potato tubers infected with 
Ditylenchus destructor (left)  
and Meloidogyne fallax (above) 

Training Workshop on the Diagnostics of Plant Parasitic Nematodes, ARIAQ, Bekasi, Indonesia 23 February to 7 March 2020 

Peanut pods and seeds (testa) infected with 
D. destructor (left) Pratylenchus sp. (right) 

Training Workshop on the Diagnostics of Plant Parasitic Nematodes, ARIAQ, Bekasi, Indonesia 23 February to 7 March 2020 98



Anguina tritici 

Training Workshop on the Diagnostics of Plant Parasitic Nematodes, ARIAQ, Bekasi, Indonesia 23 February to 7 March 2020 

Meloidogyne 
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Radopholus similis

Training Workshop on the Diagnostics of Plant Parasitic Nematodes, ARIAQ, Bekasi, Indonesia 23 February to 7 March 2020 

Radopholus similis

Training Workshop on the Diagnostics of Plant Parasitic Nematodes, ARIAQ, Bekasi, Indonesia 23 February to 7 March 2020 
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Foliage of an ornamental infected with Aphelenchoides 
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Broad Classification of Extraction Techniques 

Active methods 

Passive or motility-independent 
size

differential settling, or specific gravity 
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Root Extraction Techniques: 
Maceration Sieving 

Principle 
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Wash roots well 
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Cut roots 
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Damp dry the roots 
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Weigh roots 

Training Workshop on the Diagnostics of Plant Parasitic Nematodes, ARIAQ, Bekasi, Indonesia 23 February to 7 March 2020 

104



Place roots into blender, cover roots with 
water 
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Blend at low speed for 10-20 seconds 
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Pour the roots into 325 or finer mesh sieve 
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Set up a Baermann tray 
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Place filter paper on the Baermann tray 
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Add water to Baermann tray 
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Transfer the blended roots into the filter 
paper 
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Incubate for 24 hours 
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Remove roots from the pan 
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Pour the water in the dish through a 325 or 
fine mesh sieve 
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Concentrate nematodes for observation 
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Advantages and Limitations 

Advantages

Limitations 
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Extraction of Cyst Nematodes 
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Principles of Extraction (essentially passive) 

Floatation

Elutriation 
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Sample preparation (drying) 
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1. Flotation (in water)
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Flotation (alternative solutions) 
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2. Elutriation
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2. Elutriation
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2. Elutriation

c. Fenwick can (Fenwick, 1940)

Overflow collar 

Water inlet 

Loading funnel with 1 
mm pore size sieve 

shower head 

Stages of Cyst extraction 

Separation from soil 

Separation from small debris 

Assay of cyst content (needed for 
experiments involving 
standardized inoculation) 
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Meloidogyne Egg Extraction 

Meloidogyne female 

Egg mass (eggs enclosed in 
a gelatinous matrix) 

TO RELEASE THE EGGS, THE 
GELATINOUS MATRIX MUST 
BE DISSOLVED! 

Methods 
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LECTURE 8: 

EXTRACTION USING MIST CHAMBER 
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Extraction Plant Materials By using 
Mist chamber technique 

Dr. Nurjanah
(IAQA)

Advantages of Mist Extraction

No creating anaerobic;
No accumulating toxic materials, 
Oxygen remains at adequate levels, and 
No one nematodes losted during sieving of the samples.
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1. Set up Baermann funnels.  Place the funnels in a rack, with

a concave wire mesh in each funnel and double-thickness

papper tissue over the wire mesh.  Avoid tearing or

puncturing the tissue.

2. Place a large test tube (200 x 25 mm) under each funnel,

Extraction from soil, roots, tubers, bulbs, stems and foliage 
by misting (mist extraction technique)

3. Swirl backwashed suspension obtained from sieving and

separate into two equal of separate 250 ml beakers.

4. One half will be further processed for nematodes

extraction by sugar centrifugation, and the other half by

misting.
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6. Pour backwashed soil residue in suspension collected through sieving (step I.14)
through a stainless steel wire basket double-lined with Kimwipe® paper tissue. Place
basket over large beaker and allow liquid to drain into beaker. Discard filterant liquid.

7. Place basket over funnel and tube apparatus on rack. Label sample and place label
tag on outside of tube using rubber band.

8. Place apparatus in mist chamber. Sample will be misted for 1.5 minutes in a 10
minute cycle.

9. Cut roots, bulbs, stems and foliage in 1-2 cm segments. Rinse shears in scalding hot
water or 70% ethanol + hot water rinse between samples.

10. Place cut roots, tubers, bulbs, stems and foliage separately in baskets. Roots may be
placed in same basket with soil, unless intentioned otherwise.
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Notes:
Extension collars may be used to accommodate these samples within a basket. Do not tightly pack sample within 

collar.

After 3-5 days for soil and roots, and/or 2 days for tubers, bulbs, stems and foliage, carefully remove rack from 

chamber.

Allow suspensions in tubes to stand undisturbed for 30 minutes on counter top.

Without disturbing the settled residue at base of tube, carefully decant water up to 4.5 cm (~20 ml) from base, 

using a vacuum aspirator.

If suspension is opaque, do not decant. Instead, pass entire solution through a 500-mesh (25µm-aperture) sieve 

and collect backwashed residue in beaker, scanning dish or tube. The suspension is now ready for microscopic 

examination.

Thoroughly wash apparatus and mist chamber with soapy hot water. Rinse thoroughly with distilled water. Clean 

spray nozzles. Lubricate orifices of spray nozzles with vacuum grease.

Thank you
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LECTURE 9: 

EXTRACTION USING SUCROSE-CENTRIFUGE METHOD 
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LECTURE 10: 

MISCELLANEOUS TECHNIQUES-HANDLING, KILLING, 

FIXING, STAINING AND MOUNTING 
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Lecture 10

Miscellaneous Techniques: Handling, Killing, 
Fixing, Staining, Mounting and Culturing

Marita S. Pinili, Ph.D
University Researcher III

National Crop Protection Center
College of Agriculture and Food Science

University of the Philippines Los Baños, College, Laguna 4031 
Philippines
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Killing and fixation
Preparation of slide mounts
Staining
Culturing
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A. Killing and Fixation

Killing procedures resulting to permanent  termination of all life 
processes in all cells of specimen

Fixation preservation of all cellular and structural elements in a quality 
as near to the living condition
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Reasons

Quarantine regulations for transporting specimens
Taxonomic examination (mainly for species identification)
Permanent placement in a nematode collection center or museum 
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Methods:

1. Killing followed by fixation (2-step)
Reduce volume to minimum
Shake vial containing suspension
Plunge to a beaker with hot water (80-90 C) for 2-4 mins (depending on 
volume)
Add an equal volume of 2x fixative
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Methods:

2. Killing and fixation at the same time (1-step)
Heat  fixative to nearly boiling (when air bubbles start to escape from the 
solution)
Transfer an equal volume of fixative into the vessel containing nematode 
suspension
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Properties of most common fixatives

2 Types of fixatives based on reaction with soluble 
proteins:
Coagulum e.g. ethanol (produces coagulates when 
mixed with an albumen solution)

Non-coagulum e.g. formalin and acetic acid
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Properties of most common fixatives

Formalin (HO (CH2O)n H)
solution containing 37% formaldehyde, a colorless gas

has a very fast penetration capacity and preserves 
proteins and glycogen by denaturation
Has shrinking action and strong hardening capacity
CAREFUL! Harmful to human beings
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Properties of most common fixatives

Acetic acid (CH3COOH)
When pure, its called glacial acetic acid
Colorless liquid with pungent smell
Miscible in water and ethanol
Precipitates nucleoproteins 
Has swelling capacity; added to counteract the shrinking action of formalin
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Properties of most common fixatives

Ethanol (C2H5OH) 
Standard concentration = 96%
Has low oxidation potential
A denaturing coagulant of many proteins but not nucleoproteins
Moderate penetration ability
Has excessively hardening and shrinking capacity
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Properties of most common fixatives

Triethanolamine
A strong base; neutralizes free formic acid
Nematodes appear remarkably life-like
Causes cuticle degeneration with time
May be allergenic and toxic

Glycerol (=glycerin)
An odorless, colorless and viscous liquid
Soluble in water
Hygroscopic; prevents specimen from drying out
Low toxicity
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B. Types of nematode slide mounts
Live mount 

shows nematode structures in clearest form
allows viewing of pulsation of esophagus and protrusion of stylet
Mount nematode is water or 1% water agar
Not appropriate if measurements are to be taken 
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Types of nematode slide mounts
Temporary

Nematodes are mounted on 3-4% formalin on a clean glass slide; seal the edges 
of glass slide
Appropriate for routine identification

Semi-permanent
Mount nematodes in warm (60°C) lacto-phenol or lacto-glycerol
Appropriate for routine identification
Lacto-phenol is toxic! Careful not to inhale its fume; lacto-glycerol is preferred
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Types of nematode slide mounts
Permanent 

Glycerol-ethanol method
Water is completely drawn out nematode body by slow dehydration-evaporation
Water is replaced by glycerine; will allow nematodes intact for very long time
Appropriate for specimens to be deposited in a collection center/museum 
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Types of slides

Glass slide allows viewing of specimen from top only
Aluminum double cover slip slide allows viewing of specimen from 
both sides
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C. Reasons for Staining

Detecting endoparasites in plant tissues
Observing nematode development in roots
Establishing of  distribution and foci of nematodes within plant tissues
Differentiating dead and live nematodes
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Root-knot nematode juveniles migrating inside roots 
(stained with acid fuchsin)
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Root-knot nematode development inside roots 
(stained with acid fuchsin)
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Detection of endoparasites in roots.

Pratylenchus thornei (Upper)

Hoplolaimus galeatus (Lower)
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Detection of semi-endoparasites 
(e.g. Rotylenchulus reniformis) on root surface.
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Staining nematodes in roots

Lugol's solution
An easy method for staining roots to detect Globodera/Heterodera stages in 
roots
Nematodes stained reddish-brown; root tissues, except meristematic regions, 
remain light brown to unstaine

Iodine - 1 part
Potassium iodide - 2 parts
dH2O - 200 parts
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Staining nematodes in roots

Sodium hypochlorite Acid fuchsin
1. Clearing in 1.5% NaOCl for 4 mins; rinse
2. Stain 30 ml H20 + 1 ml stain + heat; rinse
3. Destain 20 to 30 ml acidified glycerin

Acid fuchsin - 3.5 g
Acetic acid   - 250 ml
dH2O - 750 ml
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Staining nematodes in shoots

Cotton blue or acid fuchsin in lacto-phenol
Immersion to 50% alcohol and liquid phenol removes chlorophyll
Nematodes = blue/red; plant tissues unstained

Acid fuchsin-glycerol-lactic acid
Equal parts of glycerol, lactic acid, dH2O 
Acid fuchsin stains nematodes red
Avoids the use of toxic phenol

Aphelenchoides ritzemabosi in 
chrysanthemum leaves (stained 
with cotton blue)
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Aphelenchoides arachidis in peanut testa
(stained with cotton blue)
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Staining to differentiate live and dead nematodes 

New Blue R
stains dead nematodes dark; live ones are unstained
Useful if nematodes died because of heat or chemicals but not of natural causes

Phloxin B
Dead specimens (and Meloidogyne egg mass) are stained immediately but not 
live or weak individuals
Unsatisfactory for determining viability of cyst nematode juveniles
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D. Culturing Nematodes

Maintenance of pure population
Mass production for inoculation
Biochemical and disease complex studies
Assessing the effects of chemical and physical factors o biology
Obtaining pure population for genetic studies
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Terminology (Dougherty, 1959)

Term
No. of associated species Total no. of species

Xenic or agnotobiotic unknown unknown

Gnotobiotic known indeterminate

Axenic none one

Monoxenic one two

Dixenic two three
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Sterile culture of Globodera rostochiensis on excised potato root system in 
Gamborg-B5 medium
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Radopholus and Pratylenchus spp. on carrot disk
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Radopholus similis on banana callus tissues
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Aphelenchoides sp. maintained on fungal culture
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General procedure

Sterilization of live nematodes
Streptomycin sulfate
Malachite green
Mercuric chloride

Sterilization of substrate (seeds before germination)
Concentrated sulfuric acid
Concentrated H2O2
NaOCl followed by 95% ethanol
Mercuric chloride
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Drawbacks of nematode cultures

Susceptibility to genetic drift and selective pressures, which may 
cause unforeseen changes to their biology
Start up, maintenance and exchange of nematode cultures often 
require a substantial investment of time and resources
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LECTURE 11: 

DIGESTIVE SYSTEM OF NEMATODES-KEY TO 

MORPHOLOGICAL IDENTIFICATION 
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Lecture 11

Digestive System of Nematodes: Key to 
Morphological Identification

Marita S. Pinili, Ph.D
University Researcher III

National Crop Protection Center
College of Agriculture and Food Science

University of the Philippines Los Baños, College, Laguna 4031 
Philippines
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Digestive system

1. Stomodeum = stoma + esophagus

2. Mesenteron = intestine

3. Proctodeum = rectum + anus
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Stoma

Buccal cavity

May possess movable or 
immovable armament

A very important 
diagnostic character 
(along with esophagus) for 
higher taxa (differentiates 
nematode order and to 
some extent, families)
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A. Barrel-shaped stoma (Mononchida)
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B. Collapsed stoma (Rhabditomorpha, 
Cephalobomorpha, Diplogasteromorpha)

Rhabditomorpha Cephalobomorpha
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C. Stoma with stylet

1. Stomatostylet (parts):
a. Cone (with subterminal

ventral opening)

b. Shaft

c. Knobs

Occurs in Tylenchidae and 
Aphelenchidae
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C. Stoma with stylet

2. Odontostylet
a protrusible hollow tooth
Produced by a cell located in 
the anterior esophagus
Has a cuticular extension called 
odontophore

Occurs in Dorylaimidae 
(A-contiguous with odontophore) 
and Nygolaimidae (B not 
contiguous)

A

B
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Odontostylet

C. Stoma with stylet

C. Stoma with stylet

3. Onchiostylet curved,
solid tooth with dorsal
groove

Occurs in Triplonchida
(Trichodorus and
Paratrichodorus)
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Trichodorus and Paratrichodorus
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Esophagus

Types: 
1-part (Mononchida)
2-part (Dorylaimida, Triplonchida)
3-part (Cephalobomorpha)
4-part (Tylenchomorpha, Aphelenchomorpha, 
Rhabditomorpha, Diplogasteromorpha) 

Can be muscular all throughout or muscular 
(anterior) and glandular (posterior)
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1- part
2 - part

3 - part 4 - part
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Variations in Tylenchoid Esophagus

1. Non-overlapping

2. Overlapping

3. Neotylenchoid

4. Criconematoid

1 2 3

4
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Tylenchoid esophagus (Meloidogyne sp.)

Metacorpus not large (not occupying body width)

Dorsal gland (DEGO) opens near the base of the 
stylet

Subventral glands open by the pump chamber 
(valve) of the metacorpus

DEGO dorsal esophageal gland opening
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Role of esophageal gland secretions  in 
parasitism by Meloidogyne sp.

J2 subventral glands are active; 
induction of giant cells

Once giant cells are established, the 
dorsal gland becomes active and increases 
in size; maintenance of giant cell
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Aphelenchoid esophagus

Large metacorpus (occupying body width)

Dorsal gland (DEGO) opens in the 
metacorpus

Intestine directly joins the metacorpus
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metacorpus

The pump chamber of esophagus

Metacorpus of Tylenchoid esophagus
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Pump chamber close Pump chamber open
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TEM image of close lumen of the metacorpus
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Mesenteron/Intestine

Simple, tubular tissues 
surrounded by a single layer 
of endodermal epithelium

Inner lining surrounded with 
microvilli for absorption and 
storage of nutrients
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intestine
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Proctodeum/rectum + anus

Rectum a short portion at the end 
of the digestive tract

Opens at anus in females but 
cloaca (common opening with 
reproductive system) in males

Specialization: rectal glands 
secrets gelatinous matrix in 
Meloidogyne spp.
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Anus Spicule

Bursa
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LECTURE 12: 

USEFUL TAXONOMIC CHARACTERS USE IN NEMATODE 

IDENTIFICATION – KEYS AND OTHER IDENTIFICATION 

RESOURCES 
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LECTURE 13: 

PLANT PARASITIC NEMATODE LIFE CYCLE 
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Lecture 13

Plant Parasitic Nematode: 
Life Cycle

Marita S. Pinili, Ph.D
University Researcher III

National Crop Protection Center
College of Agriculture and Food Science

University of the Philippines Los Baños, College, Laguna 4031 
Philippines
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General life cycle
Development

Simple and uniform in pattern

In plant parasitic nematodes, 1st molt occurs inside the egg

Adults distinguished from juveniles by appearance of well-
developed gonads (spicules or vulva)

adultJ4J3J2J1egg

M3M2M1 M4

Male

Female
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Embryonic development of C. elegans. A. PROLIFERATION PHASE:1) Pronuclei form after fertilization; 2) alignment 
of spindle prior to pronuclear fusion; 3) mixing of maternal and paternal chromosomes; 4) 1st division giving rise to 
AB and P1 cells; 5) asynchronous division; 6) 4-cell stage with ABa, ABp, P2 and EMS cells; EMS then divides to E and 
MS; B. MORPHOGENESIS: 7) E-cells move toward center of embryo; 8) developing embryo in comma stage ; 9) 
well-formed J1
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Growth and Molting

Growth and development happen between molts

Molting the process by which animals shed off its outer 
covering (cuticle) at certain stages of its life cycle

3 Steps in molting
Apolysis separation of cuticle from epidermis

Formation of new cuticle arising from outermost surface of epidermis

Ecdysis shedding of the old cuticle

Nematodes molt to allow growth and 
production of new mouth parts.

A. J2 emerges from egg

B. A dorylaimid juvenile showing replacement 
odontostylet

C. A molting Xiphinema; juvenile odontostylet 
goes with the old cuticle. 

A

B

C
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Behaviour
1. Feeding

Amphids guide nematode  in locating and 
approaching  a plant root by following a gradient 
of root exudates.

Papillae aid its head into feeding position
Stylet puncture a cell to inject esophageal gland 

secretions.
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Groups of plant parasitic nematodes according to feeding 
position

Ectoparasitic - Hemicycliophora, Xiphinema, Trichodorus, 
Longidorus, Tylenchorhynchus, Criconemoides, 
Hemicycliophora, etc.

Semi-endoparasitic - Rotylenchulus, Tylenchulus, 
Rotylenchus, Helicotylenchus, etc.

Endoparasitic Meloidogyne, Pratylenchus, Radopholus, 
Hirschmanniella, Ditylenchus, etc.

Behaviour 
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Groups of plant parasitic nematodes according to mobility 
while feeding 

Endoparasitic

Migratory - , Pratylenchus, Radopholus, Hirschmanniella, etc.

Sedentary - Meloidogyne, Globodera, Heterodera, 
Rotylenchulus, Tylenchulus and all other genera that become 
enlarged at maturity

Behaviour 

Parasitic strategies of plant parasitic nematodes

Ectoparasite
motile nematodes

feeds on surface tissues 
(or inner tissues through long 
stylet) and root hairs

no part of the body (except stylet) 
penetrates roots

Feeding usually causes surface discoloration of roots

e.g. Trichodorus, Belonolaimus, ring nematode  
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Semi-Endoparasite
Sedentary
Part of the body penetrates root 
tissue; the rest remains outside
Establish nurse cells (stimulated
by feeding which causes
hypertrophy of pericycle and endodermis cells, 
increased cytoplasm density, but cells remain 
uninucleate with large nucleolus; walls may 
rapture to form syncytium) 
e.g. Rotylenchulus, Tylenchulus

Parasitic strategies of plant parasitic nematodes
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Sedentary Endoparasite
Considered most advanced form of parasitism
Infective juveniles (J2) enter root, migrate intra- or inter-cellularly
Establish feeding sites (giant cells and syncytia)
Once feeding sites are established, nematodes stop migrating and begin 
to grow
Females lay eggs while males (vermiform) exit root 
e.g. Meloidogyne (root-knot nematodes), Heterodera and Globodera (cyst 
nematodes), Nacobbus (false root-knot nematode)

Parasitic strategies of plant parasitic nematodes
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Migration, feeding, and development of sedentary endoparasites in a root 
system.
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Comparison of RKN and CN 

Criteria RKN CN

Feeding site Giant cells Syncytium

Egg deposition Outside body in 
an egg sac

Mostly retained 
inside body 
(cyst); some may 
be deposited in 
an egg sac

Type of Feeding Sites

Giant cells multinucleated cells induced by 
synchronous mitosis without cell wall deposition 
(karyokinesis without cytokinesis) 

Syncytia - formed by the breakdown of neighboring 
cell walls to form a multinucleate cell 
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Giant cells Syncytium
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Migratory Endoparasite (in roots)
May feed on surface and internal tissues
All vermiform stages are parasitic and can get in and out of 
the roots anytime
Eggs are laid both outside and inside roots
Migrates inter-and intra-cellular; creates tunnels
e.g. Pratylenchus, Radopholus, Hirschmaniella, and some 
species of Hoplolaimus and Helicotylenchus

Parasitic strategies of plant parasitic nematodes

Source: MGK Jones & J Fuso-Nyarko (2014) Molecular biology of root lesion nematodes (Pratylenchus spp. ) and their interaction with host 
plants. Annals of Applied Biology 164:163-181.
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Migratory Endoparasite (in other tissues)
Ditylenchus (stem and bulb nematode)

Aphelenchoides (foliar nematode)

Anguina (seed gall nematode)

Parasitic strategies of plant parasitic nematodes

Ditylenchus spp. feeds on stem, leaves, bulbs and tubers; penetrates through 
natural openings; causes malformation, swelling, and stunting of infected tissues.
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Pinewood nematode (Bursaphelenchus xylophilus)
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LECTURE 15: 

EXTRACTION AND IN VITRO CULTURE TECHNIQUES- 

CASE OF RADOPHOLUS SIMILIS 
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Lecture 15

Extraction and in vitro culture 
techniques: Case of Radopholus 

similis

Marita S. Pinili, Ph.D
University Researcher III

National Crop Protection Center
College of Agriculture and Food Science

University of the Philippines Los Baños, College, Laguna 4031 
Philippines

Training Workshop on the Diagnostics of Plant Parasitic Nematodes, ARIAQ, Bekasi, Indonesia 23 February to 7 March 2020

Toppling Disease of Banana
The most obvious symptom is the 
toppling over or uprooting of 
plants, especially those bearing 
fruit
Damage ranges from the 
lengthening of the  vegetative cycle 
to the drastic reduction in bunch 
weight
Several dark red lesions appear on 
the outer part of the root, 
penetrating throughout the cortex 
but not into the stele; adjacent 
lesions may coalesce and the 
cortical root tissue atrophies and 
later turns black. In heavy 
infestations the lesion girdles the 
roots
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Typical symptoms of toppling 
disease of banana

Root damage assessment 

Percentage root lesion = 100%

1

2

3

4

5

10 - cm roots
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Migratory endoparasitic nematodes

Extraction of R. similis
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Pure culture R. similis
Surface sterilized with 
Streptomycine sulfate 

(overnight)

Flame sterilized carrot in 
70% EtOH

Cut carrot into disc
(1-2 mm thickness)

Transfer into sterile Petri 
plate (incubate overnight)

Inoculate R. similis onto 
carrot disc

Seal with Parafilm and 
incubate at 37C for 6-8 

weeks
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Molecular Techniques: 
Progress and Limitations

Hideaki Iwahori, PhD
Department of Bioresource Science

Faculty of Agriculture
Ryukoku University

JAPAN

Lecture 16

Molecular identification of nematodes
Identification based on the amino acid sequence of 
protein or DNA sequence of gene that are essential for 
organisms
Evolution of organism is estimated more directly than 
morphological method.
Advantages

The result is obtained by automatous procedure.
We can compare taxa that are distantly related.
Data is objective, quantitative, easy to analyze and 
access e.g. on the internet.

Disadvantages
The analysis result may be biased, since the 
judgment is made only in a part of the gene region, 

Morphology vs. Molecular identification
We can't say which one is absolutely right.
Integration of data is required. 201



MDH

EST

MhMmMjMi Ma

MDH: malate dehydrogenase, EST: esterase

various stages of root-knot nematode from root

Isozyme analysis method
An isozyme is the one that has almost the same activity as 

an enzyme but has a different amino acid sequence as a protein 
molecule. Utilizing the differences in the electrical properties of 
isozymes, separates them using electrophoresis, visualizes 
them with a coloring agent, analyzes the differences, and 
identifies species.

A method for identifying species by analyzing 
differences in the DNA sequences of specific 
genes or genomic regions
Restriction fragment length polymorphism 
(RFLP) and DNA sequencing methods are 
mainly used.
In recent years, whole genome analysis using 
next-generation sequencers has been 
performed.

DNA analysis method

DNA barcoding

One-to-
one 

correspo
ndence

next-generation
sequencers 

One-to-one 
correspondence
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Ancylostoma ceylanicum, zoonotic hookworm infecting both humans and other mammals (2015)
Ascaris suum, pig-infecting giant roundworm, closely related to human-infecting giant roundworm 
Ascaris lumbricoides (2011)
Brugia malayi (Strain:TRS), human-infecting filarial parasite (2007)
Bursaphelenchus xylophilus, infects pine trees (2011)
Caenorhabditis angaria (Strain:PS1010) (2010)
Caenorhabditis brenneri, a gonochoristic (male-female obligate) species more closely related to C. 
briggsae than C. elegans
Caenorhabditis briggsae (2003)
Caenorhabditis elegans (Strain:Bristol N2), model organism (1998)
Caenorhabditis remanei, a gonochoristic (male-female obligate) species more closely related to C. 
briggsae than C. elegans
Dirofilaria immitis, dog-infecting filarial parasite (2012)
Globodera pallida, plant pathogen (2014)
Haemonchus contortus, blood-feeding parasite infecting sheep and goats (2013)
Heterodera glycines, soybean cyst nematode (2019)
Heterorhabditis bacteriophora, (2013)
Loa loa, human-infecting filarial parasite (2013)
Meloidogyne hapla, northern root-knot nematode (plant pathogen) (2008)
Meloidogyne incognita, southern root-knot nematode (plant pathogen) (2008)
Necator americanus, human-infecting hookworm (2014)
Onchocerca volvulus, human-infecting filarial parasite
Pristionchus pacificus, model invertebrate (2008)
Romanomermis culicivorax, entomopathogenic nematode that invades larvae of various mosquito species 
(2013)
Schistosoma haematobium, urinary blood fluke infecting humans (2019)
Trichuris suis, pig-infecting whipworm (2014)
Trichuris muris, mouse-infecting whipworm (2014)
Trichuris trichiura, human-infecting whipworm (2014)
Wuchereria bancrofti, human-infecting filarial parasite

Sequenced nematode genomes

26 species

Nuclear ribosomal DNA
Gene region: Highly conserved among many organisms, from fungi to humans, suitable for 
comparison between organisms that are systematically distant.
Non-functional region: A non-functional part interposed between gene regions. The mutations 
that occur here do not normally contribute to the survival of the individual, so they tend to 
accumulate, and are suitable for estimating phylogenetic and species-level phylogenetic 
relationships.

Mitochondrial DNA
It has a circular DNA called the mitochondrial genome independent of the nucleus, and its total 
length is about 15,000 base pairs. It is said to evolve faster than the nuclear genome and is 
suitable for estimating phylogenetic relationships at the level of genera and species. 
Caution should be exercised when using for population and population analysis because of 
maternal inheritance.

Nuclear ribosomal DNA (rDNA)
Functional region: 18S (SSU), 28S (LSU), D2 / D3 
(part of LSU)
Non-functional region: ITS, IGS

Mitochondrial DNA (mtDNA)
Functional region: Cytochrome oxidase I (COI)
Gene region + non-functional region: Cytochrome 
oxidase (COII)-16S rRNA (LR)

Genes / regions often analyzed for nematode 
genus / species level identification
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Nuclear ribosomal DNA (rDNA)

Schematic diagram of nematode ribosomal 
DNA

rDNA-ITS regions: 
most commonly 
examined in 
various nematodes

rDNA is composed of a repeat unit 
(tandem repeat) of a transcription unit 
containing 100 copies or more of IGS1, 
5S, IGS2, 18S, ITS1, 5.8S, ITS2 and 28S.

Functional (gene) regions Non-functional regions

mutation mutation

Affects ribosome function

Disadvantageous for survival
or death

Not affects

No effect

rDNA

Mutations 
accumulate 
over time.

ATGCATGCATGCATGC

ATCCATGCATGCATGC

ATCCATGCATGGATGC

ATCCAAGCATGGATGC

time

mutation

mutation

mutation
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Schematic diagram of 
nematode mitochondrial DNA

often used this area 
for root-knot 
nematodes

1.7

One cell contains several hundred 
mitochondria, and one mitochondria also 
contains 5 to 10 copies of mtDNA, so there 
are thousands of copies of mtDNA in one 
cell. .

Mitochondrial DNA (mtDNA)

Polymelase Chain Reaction (PCR) Product

(Mi)

(Ma) Honshu type

(Mj)

Mi Ma Mj

Restriction Fragment Length 
Polymorphism (RFLP) method

Restriction enzyme
f I treatment

DNA fragment

Amplified DNA

If the results are not 
reported in the literature, 
the species cannot be 
identified. 205



Example: Determine the nucleotide sequence of the mitochondrial 
cytochrome oxidase II (COII) to 16S rRNA (LR) region of the nematode to 
be examined.

BLAST search

GGTCAATGTT CAGAGATTTG TGGTATTAAT CATTCATTTA TGCCAATTTT GGTTGAAATT ACTTTATTTG ATTTTTTTAA GTTAAATTTA TTAACTAATT
GATTATTTTA TTTTTGTTGA AGCAAGAGAA AATATTAGCT GTTTAAATTT TTTTTATTAG TTTTAAAAAT AATAAAAAAT GTTTTTAAGT GATTAGGGAT
TAAATTAACA ATTGTATTAT TTATTATTAT AAGTTTTTTG AATATTATTT TGATTTTTTG TTGTTTAATT TCTTTTTTTT GTATTAAATT ATTTTTATAT
TTTTTGTTAA TTTTAATTTT TTATATTTGT AATTTTATCT ATAATAATTT GTTAAAATTT TTTTCTAATT TGGGTGAATT AAAATTAGAG ATGAATTGAT
TAGATTTTTT TTTGTATTAT TAATATCATT TTTATTTATT ATTAGGATAT TTTCAATTGG TTGTGTTAAT CATTCTTTAT TAGATCGGGG TTTAATAATG
GGTTCTTTAT TGTGTTAATT ATTAAAATAT TATTTTGGTT TTTTAGTGAA ATTTTTTATT TAATTTATTT TTATACGAAA AATTATTAGG GAAAATATTT
TGATTTTTTG TTATTTAGAG TTTAAGTTCT TTATAGAACA AAATTTTTTA TCTTTTTAGT ATTCTATTGA AATAGAAGAA TTATAAATTA GTTAATTCTA
ATTTTATTTA TTTTATATGG ATTATATAAA ATTTTAAATT TTTTGATTTT AGTTTATTTA CGTATTTAGT TGATTTTTTA ATAGATTTAG TTCATCTGTT
GATGTAACAC AGAGTGGCTC TTTAGTTAAT TTACCTGAAG TTAAAAATGG TCAATTATAT GATATAACTT TTGGTTATCA TCAAGAATAT TTTAAGGAAA
TTATGGTGCT CATCCTGATA AAGATCGTAA TTTTTATAGT TGTGATATTG TTATACGTCA ATCACAAGCT TTAGAAGAAT ATCATAATGA ATTAAATCAA
TCTGTTAGTG AAAAAATAGT TATTTTTATT AATAGAGATA TAAGGAGATT TAATTTTTAA GTTAAATCCA ATTCGTAATG TTTGGAATTT ACCAAGGTAG
AATTACACGT TAAATTTAGA AGAATTGTTG AAAAGAATGA ATTCTTAATG GAAACAGTAA GGATATTTTT TATATAATTA TTTTTAATAA TATTAAAAAT
AA 1,202 base

http://blast.ncbi.nlm.nih.gov/Blast.cgi?PROGRAM=blastn&PAGE_TYPE=BlastSearch&LINK_LOC=blastho
me

Input 
data

search

obtain result

DNA sequencing method

Link to GenBank data

It turns out that the 
DNA sequence 
searched was that of 
the 

within 2 to 3 
minutes.

If the DNA sequence 
data is not exist in 
GenBank, the species 
cannot be identified.

Species boundaries are 
often unclear.
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Nematodes recorded worldwide 
and their global distribution

Hideaki Iwahori, PhD
Department of Bioresource Science

Faculty of Agriculture
Ryukoku University

JAPAN

Lecture 17

To know the world distribution of 
nematodes, the Internet site below is very 
useful.

CABI Invasive Species Compendium 
(https://www.cabi.org/ISC)

EPPO Global Database 
(https://gd.eppo.int/)
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Southern root-knot nematode
(Kofoid & White, 1919) Chitwood 1949

Distribution in the world

http://www.cabi.org/isc/datasheet/33245 the most worldwide and 
frequently

extremely wide host range

Peanut root-knot nematode 
(Neal, 1889) Chitwood, 1949

http://www.cabi.org/isc/datasheet/33233

Distribution in the world
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Northern root-knot nematode
Chitwood, 1949

http://www.cabi.org/isc/datasheet/33244

, p13

Distribution in the world

Javanese root-knot nematode
(Treub, 1885) Chitwood, 1949

http://www.cabi.org/isc/datasheet/33246

Distribution in the world
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Pacara earpod tree root-knot nematode
Yang & Eisenback, 1983

http://www.cabi.org/isc/datasheet/33238

Distribution in the world

Columbia root-knot nematode
Golden, O'Bannon, Santo; Finley, 1980

http://www.cabi.org/isc/datasheet/33235

Distribution in the world
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Rice root-knot nematode
Golden & Birchfield 1965

http://www.cabi.org/isc/datasheet/33243

Distribution in the world

Very closely related to the 
Honshu type.

Typical ones can be distinguished at the tail end.

It is parasitic on camellia, sasanqua and tea roots.

It has a very distinctive perineal pattern.

It is problem for turf farmers, turf exporters, and golf 
course.

There is a possibility of exotic species.

Infects the roots of Rosaceae trees, such as apples, 
peaches and cherry trees.

Road-lined cherry trees are often infested.

It can live in flooded conditions.

It is often infested in plant sold at flower shop.

Other notable root-knot nematodes in 
Japan

flower
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White potato cyst nematode
Stone 1973

https://www.cabi.org/isc/datasheet/27033

Distribution in the world

Burrowing nematode
(Cobb, 1893) Thorne, 1949

https://www.cabi.org/isc/datasheet/46685

Distribution in the world
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Rice leaf nematode
Christie, 1942

Distribution in the world

https://gd.eppo.int/taxon/APLOBE

Why are there same species of 
nematodes that can hardly move all over 

the world ?

Nematode-infected plants brought back to 
Europe during the Great voyage era (15C-17C) 
were breeding and spread all over the world 
(?)

SAME
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Potato propagation in the world

place of origin

Potato cyst nematode propagation in the world
solid line: 

dotted line : 

place of origin

Guano was 
imported from 
Chile as fertilizer.

1972 Japan

2003
Indonesia 

1983 Philippines 
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Pest Risk Assessments (PRA)

Is it a species that does not exist in 
Japan?
Is there a possibility of entering Japan?
Will it have a significant impact on 
Japanese agriculture and forestry?

Appropriate phytosanitary measures must 
be taken based on scientific evidence in 
order to prevent nematodes that have not 
occurred in Japan from entering Japan.

Nematodes that are known to cause damage to 
useful plants when spread in Japan on Plant 
Protection Act

17 species

Plant Quarantine Nematodes
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European and Mediterranean Plant Protection 
Organization (EPPO) A1 List of pests recommended for 

regulation as quarantine pests (version 2019-09)

attacking citrus (formerly 

EPPO A2 List of pests recommended for regulation as 
quarantine pests (version 2019-09)

(not attacking citrus)

Nematodes on the list not known to occur in the USA

List of Exotic Nematode Plant Pests (Updated August 19, 
2003)
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Management Strategies on Plant-Parasitic 
Nematodes I Chemical, Physical and 

Cultural Approaches

Dr. Nurjanah
Indonesian Agricultural Quarantine Agency (IAQA)

TRAINING WORKSHOP ON PLANT PARASITIC NEMATODES
ARIAQ, Bekasi, Indonesia, 23rd February to 7th March 2020

Detection and identification of nematodes is the first step in controlling them and checking 
their spread.

219



COMPUTER REPAIR & SUPPORT Barantan_RI

Possibilities of nematode management

Prevention Plant resistance

Chemical control Biological control

Physical control Cultural control 

Certification of seeds, propagation
materials, packaging wood,

Requires: sampling, inspection, certification
procedure: expensive, but worth the efforts

Also important for prevention :Clean machinery,
check irrigation water, waste product 9tar soil, peels,
etc)

1. Prevention
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2) Plant resistance

Resistance: restriction or prevention of nematode 
multiplication on the host 
Tolerance: ability of a plant to grow well despite the presence 
of nematodes

3) Chemical control

Nematocides to kill nematodes
Downside:

Harmful for humans and environment (also 
beneficial organisms are killed)
Expensive
Residues 

To be avoided
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Once endoparasitic species have penetrated a root, control with chemicals is more 
difficult as nematicidal compounds have to be non-phytotoxic and preferably 
systemic.
A nematicide that can be safely applied to growing plants and is translocated to 
the roots in sufficiently large amounts to kill endoparasitic or ectoparasitic
nematodes has not been discovered. Oxamyl, a systemic compound that is 
translocated basipetally, is the only commercial product that is used as a foliar 
treatment, but its use as a liquid formulation is restricted in many countries for 
toxicological reasons.
There are several nematicides that can be used effectively for nematode pests of 
annual crops (van Berkum and Hoestra,1979), but there appears to be little 
prospect for management of nematodes in many susceptible perennial crops 
without repeated application of nematicides (Tables 1 and 2)

Table 1. Nematicides currently available on world Market
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Table 2 . Examples of recommended nematicidal dosages and 
treatments for some important crops

Nematicide Control Study

In greenhouses, fumigant nematicides (dazomet and metham sodium) are more
effective than non-fumigant (carbofuran) nematicides
In the field, all tested nematicides (Curater-3G) Furadan-3G, Petrofur-3G, Rugby-10G,
and Truper-3G) were effective in controlling G. rostochiensis
controlling RKN and PCN by halogenated hydrocarbons such as DD (1-3 Dichloropropane
1-2 dichloropropene), EDB (Ethylene dibromide), MBr (Methyl bromide), DBCP
(Dibromochloropropene), Dorlone (mixture of DD and EDB)

Insecticide for Control nematode

1. Last alternative
2. Dosage Insecticide : 2-3 times for PCN
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Insecticide for PCN

Nematisida                  Dosis         Sista        
-------------------------------------------------------
Curater-3G  185  45,33 
Furadan-3G  99  50,00 
Petrofur-3G  185  53,00 
Rugby-10G  37  48,11 
Truper-3G  47,5  55,22 
Kontrol  - 88,33 
================================
Dosis (kg/Ha); Sista (20g tanah)
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4) Physical methods

Heat (Steam)

Solarisation
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Inundation: flooding (not for all nematodes) 

02

Barantan_RI

01

03

5) Physical methods

Heating soil for seat beds

04

Hot water disinfection of planting material

Composting (no external energy needed)

6) Cultural practices (field practices)

Crop rotation: Growing a sequence of crops, including non-host or poor host

Know the nematodes in the field!

Know the host status of the crop!

Trap cropping: plant a host crop that allows the nematode to penetrate its roots 
but NOT allow to complete its life cycle

For Chitambo et al (2019)  African Nightshade and African Spinach Decrease 
Root-Knot Nematode and Potato Cyst Nematode Soil Infestation in Kenya 
marigolds
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Cultural methods for managing nematodes on vegetables 
and ornamentals

The development or selection of cover crop varieties for use against particular nematode 
species,
The use of biofumigation and trap cropping are promising areas of current research in 
cultural practices. 
The development of molecular techniques for identification of plant-parasitic nematodes 
to species, 
online databases to rapidly search out nematode resistant crops,
computerized soil temperature monitoring equipment, 
computer models for calculating nematode degree-days, 
and a greater understanding of nematode biology and population dynamics make it 
possible to develop promising scenarios to reduce damaging nematode populations and 
increase yields.

Thank you
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MANAGEMENT STRATEGIES ON PLANT PARASITIC 

NEMATODES 2- BIOLOGICAL AND PLANT 

RESISTANCE APPROACH 
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Lecture 19

Management Strategies on Plant-
Parasitic Nematodes II Biological 
and Plant Resistance Approaches

Marita S. Pinili, Ph.D
University Researcher III

National Crop Protection Center
College of Agriculture and Food Science

University of the Philippines Los Baños, College, Laguna 4031 
Philippines

Training Workshop on the Diagnostics of Plant Parasitic Nematodes, ARIAQ, Bekasi, Indonesia 23 February to 7 March 2020

Comparison of subsistence and commercial 
farming

Criteria Subsistence Commercial

Crop diversity High (multicrop) Low (monocrop)

Cropping intensity Low High 

Production goal Family consumption;
surplus being sold 
locally

Profit; huge volume of 
production mainly for a 
targeted market

Access to external inputs,
capital and technology

Lacking or limited Good

Training Workshop on the Diagnostics of Plant Parasitic Nematodes, ARIAQ, Bekasi, Indonesia 23 February to 7 March 2020
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Nematode management in subsistence 
agriculture (small - scale)

Overriding principle: conservation of physical, chemical and 
biological quality of land

Practices have evolved to reduce incidence and damage caused 
by pests and diseases

Cultivars with resistance and tolerance are selected by farmers based on 
yield

Crop rotation and fallowing are practiced

Very few practices, however, are designed with nematode 
existence in mind

Training Workshop on the Diagnostics of Plant Parasitic Nematodes, ARIAQ, Bekasi, Indonesia 23 February to 7 March 2020

1. Prevention

2. Cultural methods

3. Enhancement of soil suppressiveness

4. Crop diversification

Training Workshop on the Diagnostics of Plant Parasitic Nematodes, ARIAQ, Bekasi, Indonesia 23 February to 7 March 2020
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Prevention

Use of nematode-free seed or planting materials
Planting material naturally-free of infestation

Physical removal of tissues with nematodes

Physical destruction of nematodes in planting materials

Training Workshop on the Diagnostics of Plant Parasitic Nematodes, ARIAQ, Bekasi, Indonesia 23 February to 7 March 2020

Prevention

Production of clean seedlings from nematode-free seedbeds or soils

Rotating seedbed sites

Preparing seedbeds on lands without a history of cultivation

Siting seedbeds for dry season crops on land normally flooded 
during the wet season

Keeping seedbeds free of weeds

Turning seedbed soil

Surface burning of plant debris

Application of biological control agents in seedbeds

Solarization

Training Workshop on the Diagnostics of Plant Parasitic Nematodes, ARIAQ, Bekasi, Indonesia 23 February to 7 March 2020
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Seed can containing sterilized soil

Seedbeds being amended with 
compost to enhance microbial 
populations

Training Workshop on the Diagnostics of Plant Parasitic Nematodes, ARIAQ, Bekasi, Indonesia 23 February to 7 March 2020

A. Paring infected corms of banana
B. Immersing banana corms on hot water (53oC for 20 mins)

A B

Training Workshop on the Diagnostics of Plant Parasitic Nematodes, ARIAQ, Bekasi, Indonesia 23 February to 7 March 2020
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Tissue culture derived  banana seedlings are recommended in starting a plantation to 
avoid introduction  of destructive nematodes. 

Do not plant them if the area is already nematode infested.

Training Workshop on the Diagnostics of Plant Parasitic Nematodes, ARIAQ, Bekasi, Indonesia 23 February to 7 March 2020

Cultural and Physical methods

Crop rotation

Fallowing (resting the land)

Adjusting planting time/escape cropping

Antagonistic/trap crops

Burning stubbles

Postharvest removal or crop residues

Tillage 

Training Workshop on the Diagnostics of Plant Parasitic Nematodes, ARIAQ, Bekasi, Indonesia 23 February to 7 March 2020
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Crotolaria juncea (sun hemp) as cover crop for soil 
improvement

Training Workshop on the Diagnostics of Plant Parasitic Nematodes, ARIAQ, Bekasi, Indonesia 23 February to 7 March 2020

Tagetes spp. (Marigold) repels nematodes and contains compound known as - terthianyl

Training Workshop on the Diagnostics of Plant Parasitic Nematodes, ARIAQ, Bekasi, Indonesia 23 February to 7 March 2020
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Burning residues as a way of soil sterilization

Training Workshop on the Diagnostics of Plant Parasitic Nematodes, ARIAQ, Bekasi, Indonesia 23 February to 7 March 2020

Enhancement of soil suppressiveness

Organic soil amendments

Introduction of biological control agents

Training Workshop on the Diagnostics of Plant Parasitic Nematodes, ARIAQ, Bekasi, Indonesia 23 February to 7 March 2020
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Botanical Nematicides Producers or Distributors
Beneficial Nematodes

Steinernema species
Nitron Industries, , BioLogic, 
Hydro-Gardens

Biocontrol Bacteria
Deny, Blue Circle (Burkholderia cepacia)
Activate (Bacillus chitinosporus)

Stine Microbial Products
Rincon Vitova

Biocontrol Fungi
DiTera (Myrothecium verrucaria)
MeloCon, BioAct (Paecilomyces lilacinus)

Valent USA, Peaceful Valley, 
Prophyta

Chitin
ClandoSan
Shrimp Shell meal

Igene Biotech, ARBICO, Peaceful Valley

Botanical Nematicide
Nemastop (Organic extracts w/Fatty acids)
Dragonfire (sesame oil)
Ontrol (sesame meal)
Nemagard (ground up sesame plant)
Neem cake
Armorex (sesame oil, garlic, rosemary
eugenol, white pepper)

Soils Technology Corp
Poulenger USA
Poulenger USA
Natural Organic Products
Monsoon, Peaceful Valley
Soils Technology Corp

Adapted from Quarles, William. 2005. Directory of least toxic pest control products. The IPM Practitioner, Vol. 26, No. 11/12. p. 17.

Training Workshop on the Diagnostics of Plant Parasitic Nematodes, ARIAQ, Bekasi, Indonesia 23 February to 7 March 2020

Paecilomyces lilacinus Strain 251 (PL251)

Training Workshop on the Diagnostics of Plant Parasitic Nematodes, ARIAQ, Bekasi, Indonesia 23 February to 7 March 2020

Fungal Antagonists

nematode 
egg

egg - parasite
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BIOACT®WG: A commercial formulation of  Paecilomyces lilacinus, a fungal biocon 
agent against PPN discovered by Dr. Romulo Davide.

Arthrobotrys oligospora

adhesive knobs
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Fungal Antagonists

constricting ring

net-forming
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nematode

Fungus

Net-forming

Bacterial Antagonists

Pasteuria penetrans

Endospore - forming, nonmotile, 
gram-positive bacteria
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endospore - forming 
bacteria

Limitations of Biological Control

Variable efficacy tends to be location specific; implies high 
influence of edaphic and climatic factors

Density dependent needs to be applied at high concentration 
to increase chances of contact with the target nematode 
population (or decrease nematode refuge)

Subject to mycoparasitism and antibiosis

Some are facultative parasites tends to grow vegetatively in 
rich soils
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Resistance and Tolerance

Resistance -

- describes the effects of host genes that restrict or prevent 
nematode multiplication in a host species

- measured in terms of nematode number after a certain period

Tolerance

- independent trait to resistance

- relates to the ability of a host genotype to withstand or recover 
from the effects of nematode attack and yield well

- measured in terms of growth and yield parameter
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HOST GROWTH

GOOD

POOR

POORGOOD

Tolerant/
Susceptible

Intolerant/
Resistant

Tolerant/
Resistant

Intolerant/
Susceptible

Combinations of host resistance and tolerance in a given genotype
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Musa cultivars

Reproduction of Radopholus similis in  selected Musa cultivars 8 weeks after inoculation (Orajay, 2001). 

Training Workshop on the Diagnostics of Plant Parasitic Nematodes, ARIAQ, Bekasi, Indonesia 23 February to 7 March 2020

1,000 R. similis

Mechanisms of Resistance

1. Pre-infectional may be conferred by physical, chemical, or
physiological properties of the plant even before penetration
occurs

- e.g. thick cell walls, toxins, absence of certain chemicals necessary for
nematode reproduction

2. Post-infectional usually chemical in nature and are induced in
response to infection; effective against nematodes that induce
specialized feeding site

-e.g.  Phytoalexins, PR proteins (chitinases, glucanases, protease inhibitors,
peroxidases, and others)
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Engineered soybean cyst nematode resistance

Resistant genes

Mi genes (Meloidogyne incognita)
Hs1pro-1 gene (Heterodera 
schactii)
Other resistant genes

Mechanisms of Tolerance

Higher number of roots

Compensatory root growth

Delayed senescence

Enhanced water uptake
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LABORATORY PRACTICAL 

1. Passive and active extraction of nematodes
2. Nematode extraction from soils

3. Nematode extraction from plants

4. Extraction using a mist chamber

5. Mounting of Nematodes
6. Symptom assessment of Under Ground portion and Above

7.

8. Molecular identification of nematodes
9. Pictorial Key to Genera of Plant Parasitic Nematodes
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Practical 1: 
Passive  and active extraction techniques 

I. Active Extraction Techniques : Baermann Funnel Method 

The Baermann funnel Method is convenient for extracting active adult and Juvenile nematodes 
from small amount (30 to 100 cm3) of finally crumbled soil and plant tissues. 

The method is not effective for extracting sluggish and sedentary nematodes (e.g. Criconemella, 

Criconemoides, Hemicycliophora, and Xiphinema) and nonvermiform, sedentary females of 
Globodera, Heterodera, Meloidodera, Meloidogyne, Rotylenchulus, and Tylenchulus. 

The procedure requires some 12 h, or overnight.  Most nematodes are recovered after 24 to 48 
h, but the recovery will vary according to the sample size, temperature, time of storage, extraction 
method, and nematodes species, as does recovery by more elaborate techniques (Evans et al., 
1993;  Southey, 1986). 

Extraction and Identification of Nematodes 
 from Soil with Modified Test Sieve - Baermann Funnel Method 

A.  Objectives  

- to get nematode specimens by the Baermann Funnel method 

- Identifying the nematodes  

B. Tools and Materials: 

Tool: 

- Baermann Funnel Equipment consists of: Glass funnel with mouth diameter of 20 cm 
funnel, tea strainer, plastic hose adjusted to the diameter of the funnel, clamps, funnel 
rack / stand funnel stand. 

- Sieve nematode size of 20 micro meters. 
- Petri dishes 
- Plastic Pipette 
- Object glass + cover 
- Spray bottle 
- Nematode hook needle 
- Plastic tray 
- Stereo microscope and compound microscope 
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Ingredients: 

- Soil 
- Plastic 
- tissue paper towels 
- aquadest 
- FA (Formalin Acetic-Acid) 
- fixative solution Glycerin 

C. Work Steps: 

1. 300 g soil is mashed by giving aquadest and stirring
2. Sieve the soil using a stratified filter (Sieve Test).
3. Mount the funnel on the support, attach the tubing to the stem of the funnel, place the

clamp near the free end of the tubing, and set the basket on top of the funnel.  Fill the
funnel with water, open clamp, tap the funnel stem, and drain off sufficient water to remove
air bubbles trapped in the tube.  Refill the funnel with water to the bottom of the basket.

4. Place double-thickness tissue (or other “filter” material) on top of the screen, being careful
onto tear the tissue, and gently submerge the filter material in the water.  It is necessary
to select a filter that retains as much debris as possible, with pores large enough for the
vermiform nematodes to wiggle through. To extract large nematodes, such as Anguina,

Belonolaimus, Dolichodorus, Longidorus, and Xiphinema, nylon gauze with apertures
about 90 µm in diameter often provides a sufficiently clean extract.

5. Spread about 30 to 100 cm3 of finely crumbled soil or washed plant tissue (e.g. small roots
or chopped bulbs, corms, tubers, stems, leaves, or buds), cut into small pieces, uniformly
over the filter.  Fold the edges of the filter over the sample. Gently pour water along the
inner surface of the funnel until it just covers the lower surface of the soil.
(label the funnel with sample number and the date, and let it stand at a room temperature
of 21-29 oC, generally for two to five days.  Do not allow the sample to dry out).

6. At the end of extraction period, fully open the clamp to rapidly withdraw 5 to 10 ml of water
containing nematodes from the tube and transfer it to a shallow viewing dish (such as
Syeacuse dish) or a 50-ml beaker.  Samples may stored at about 10-16oC for examination
within a few days.

Caution : 

 The edges of the filter must not hang over the sides of the funnel, or water will wicked
out, and the sample will desiccate.

 Do not overfill the funnel; the samples must not be completely submerged in water.
 Do not pour water over the sample.  Add it slowly down the inner surface of the funnel.
 Check the apparatus periodically to see that the funnel is level, and replace any water

lost by evaporation.
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II. Passive Extraction Techniques : filtration, or decanting and sieving, and
flotation/centrifugation

Passive methods include filtration, or decanting and sieving, and flotation/centrifugation (Coleman 
et al., 1999) to remove the nematodes from the soil suspension.  

Elutriation methods can be employed for handling larger quantities of soil, usually greater than 
500 g, or to recover large amounts and a greater diversity of nematodes. Elutriation methods rely 
on fast mixing of soil and water in funnels. Semiautomatic elutriators, which enhance the number 
of soil samples to be extracted, are available.  

Passive sieving/centrifugal flotation assay 

1. Material caught on the 38-µm-pore sieve was centrifuged in water at 3000 RPM (1663 g) for
4 min to pellet the nematodes in the mineral fraction of the soil.

2. After decanting the water, the centrifuge tubes were then filled with a sucrose solution with a
specific gravity of 1.14 and centrifuged again for 4 min to include the nematodes but not the
mineral fraction of the sample. The sucrose solution was decanted over a 20-µm-pore sieve
and rinsed with tap water to collect nematodes.

3. The end product of both assays was a test tube filled with tap water with nematodes settled
at the bottom of the tube. Samples were stored at 4°C until they were ready to be counted.

4. Water was carefully drawn from the tube so as not to disturb nematodes and then the content
of the tube was placed in a glass counting dish and examined using a stereomicroscope at
40x magnification.

5. All plant parasitic nematodes in each sample were counted by genus. For samples with high
abundance, the sample was mixed to evenly disperse the specimens and a portion of the dish
was examined and the counts adjusted to represent the entire 100-cm³ sample.
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6. Species identification for the research samples was made using morphological features of
adult females and males (if present).

The extraction efficiency of the two assay methods were similar for adults and varied for different 
life stages, ranging from 9% for second-stage juveniles to about 40% for fourth-stage juveniles.  
The passive soil assay was superior for recovering adult P. scribneri (67% ± 11%) than the active 
root assay (36% ± 8%) for adults. Research with P. penetrans showed reproductive females were 
less likely to exit roots than males. 
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Practical 2 : Nematode extraction from soil 

Soil samples : 

 Motile nematodes Baermann funnel/Oostenbrink dish, flotation and sieving, Flegg modified Cobb 
technique, Oostenbrink elutriator 

 Motile and immotile nematodes Centrifugal flotation

Extraction from soil and root samples (gravity-sieving technique) 

1. Separate loose root pieces from soil in sample, put roots aside temporarily in large
bowl/beaker.

2. Process soil samples in 600 ml increments at the maximum until entire sample is
processed.

3. Place 600 ml soil in stainless steel bowl.  Add enough tap water to cover soil in bowl.  Break
soil clods in water and agitate suspension by hand. (Wear disposable gloves).

4. Immediately pass soil suspension through a 20-mesh (850µm-aperture) sieve held over a
second bowl.  Do not pour the heavy settling sediment through the sieve.  Collect
suspension in the second bowl

5. Rinse residue on sieve over second bowl.  Pick out smaller roots from sieve and add to
larger roots in bowl/beaker.  Keep roots moist.  Discard residue on 20-mesh
sieve.  Thoroughly wash sieve and bowl with scalding hot water.

6. After about 30 seconds, pass soil suspension through a 60-mesh (250 µm-aperture) sieve
held over a clean bowl.  Collect suspension in bowl.

7. Backwash residue on 60 mesh sieve into beaker.  This will be directly examined
microscopically for cysts and large vermiform nematodes by a nematologist.

8. If necessary, resuspend the soil in suspension by slightly agitating the liquid or swirling
the bowl.  Pour suspension through a 200 mesh (74 µm-aperture) sieve* held over a clean
bowl.  Collect suspension in clean bowl.

9. Backwash residue on 200-mesh sieve into a clean 250 ml beaker.  Wash out bowl with
scalding hot water.

10. After about 30 seconds, pour suspension through a 325-mesh (44µm-aperture) sieve*
held over a clean bowl.  Wash out bowl with scalding hot water.

11. Backwash residue on 325-mesh sieve into same 250 ml beaker used in step 9.
12. After about 30-40 seconds, pour suspension through a 500-mesh (25µm-aperture)

sieve.  Do not hold over a bowl.  Allow liquid to pour into sink.
13. Backwash residue on 500-mesh sieve in 250 ml beaker of steps 9 & 11.  This residue

collection is now ready for further processing by sugar centrifugation or mist extraction
techniques.

14. Swirl backwashed suspension obtained from sieving and separate into two equal portions
in two separate 250 ml beakers.  One half will be further processed for nematodes
extraction by sugar centrifugation, and the other half by misting.

15. Using hand shears, cut roots into approximately 1-2 cm segments for mist
extraction.  Place cut roots in 600 ml beaker.

16. Thoroughly wash all bowls and sieves with scalding hot water.  Thoroughly wash
countertop, sink and surrounding work area with hot water.  Disinfect with 70%
ethanol.  Place bowls and sieves upside down to drain on countertop.
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Practical 3: Nematode extraction from plant 

Plant samples : 
 Motile nematodes : Baermann funnel/Oostenbrink dish, mistifier, incubation of plant parts
 Motile and immotile nematodes : Direct examination, maceration and filtration, maceration

and centrifugal flotation, enzymatic digestion

Nematodes can be found in all types of plant tissues (roots, tubers, corms, rhizomes, seeds, stem 
and leaves) and various methods are available to extract nematodes from the tissues or examine 
them directly in situ.  

After sampling, roots etc. can be stored for some time in plastic bags if kept moist (but not wet) 
and cool; foliage tends to rot very quickly and has to be processed soon after sampling. 

The methods described below can be used for the extraction of migratory endoparasites and 
semi-endoparasites such as Pratylenchus, Radopholus, Helicotylenchus, Scutellonema, 

Hirschmanniella, Hoplolaimus, Rotylenchus etc. It is also applicable for the extraction of hatched 
juveniles of sedentary endoparasites such as Meloidogyne, Nacobbus, Tylenchulus etc. The plant 
material is carefully washed free of soil and/or debris before extracting.  

I. Root incubation: White head tray method 

 Tools and Materials 

Tools: White head tray strainer, digital scales, petri dishes, plastic pipettes, 20 micro meter 
nematode filters, Object glass + cover, Spray bottles, Nematode hook needles, Bunsen, Plastic 
trays, Stereo Microscopes and compound microscopes. 

Ingredients: Banana plant roots, plastic, tissue paper towels, aquadest, FA (Formalin Acetic-
Acid) fixative solution and glyserin. 

Work Steps: 

1. Banana root is cleaned, then blended with aquadest (or cut the root 0,5 cm)
2. Place the blended roots on a tissue towel that is placed on a stack on a Petri dish and a

White head tray strainer.
3. Give sterile aquadest from the top until submerged
4. Incubation the roots for 24 hours.
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5. Nematodes migrate out of the roots, or hatch from eggs and collect in the shallow layer
of water in the base of the petri dishes.

6. Collect the nematode from water on a petri dish, put on the glass object, give one drop
of fixative solution.

7. then observe the obtained nematodes under a stereo microscope
8. Observe, match them with the nematode identification key.

II. Direct examination

Plant material and insect vectors can be examined directly for motile and immotile nematodes 
under a dissecting or inverse microscope at magnifications of 10–509 or 50–4009, respectively, 
using transmitted and/or incident light. 

Materials : 
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• Petri dish;
• Pair of forceps, dissecting needle, scalpel;
• Handling needle for picking nematodes;
• Dissecting, inverse or compound microscope;
• Counting slide;
• Microscope slide.

Procedure : 
• Wash roots, bulbs or tubers to remove soil debris; seeds, foliage and wood chips can be

processed directly;
• Place plant tissue in water in a Petri dish;
• Tear apart plant tissue with forceps, dissecting needle or scalpel to release nematodes;
• Examine nematodes within a counting slide at 25–409magnification using a dissecting or

inverse microscope or transfer nematodes with a handling needle to a microscope slide for
inspection at higher magnification in a compound microscope;

Remarks : 

Motile nematodes will be released from the tissue within few minutes. However, resting stages of 
Ditylenchus dipsaci and D. destructor, such as in flower bulbs and infected seeds (D. dipsaci 
only), first have to rehydrate to become active which can take 2–4 h. Too long an exposure of 
nematodes in suspension should be avoided as plant secondary metabolites and decomposition
products can kill nematodes. 

III. Another Method for Nematode extraction from plant

1. Chopped plant material: Most endoparasitic nematodes will move out of plant material if it
is first chopped into 1 cm lengths or portions. These are placed on the tissue of a Baermann
funnel or on a fine sieve, etc. and kept in a Petri dish or similar container. This is left for up to
72 hours, but can be examined much sooner.

2. Macerated plant material: Roots are cut into short lengths and placed in an electric mixer
with a quantity of water. Maceration for 5 secs at half speed and 10 secs at full speed is
normally sufficient to break open the plant material without damaging the nematodes, but this
will depend on the type of plant. The macerated material is poured onto the tissue of a
Baermann funnel or a fine sieve in a Petri dish etc. and left as above.

3. Mistifier technique: This requires more elaborate apparatus. A continuous fine mist of water
is sprayed onto chopped plant material suspended on a sieve over a funnel. The emerging
nematodes are washed into the funnel and collected in a container where they settle to the
bottom and excess water overflows.

4. Teasing plant tissues: Immediate extraction of nematodes from plant material is possible by
teasing apart the roots, etc. in a shallow dish of water. Emerging nematodes can observed
directly. If the material is left for a longer period of time more nematodes will be observed. It
is also possible to observe sedentary endoparasites by this method.
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5. Use of hydrogen peroxide in the extraction of endoparasitic nematodes from roots :
This method, which has been shown to be most effective, consists of maceration of roots,
washing through a bank of sieves and then incubation of the remaining root material in dilute
(1%) hydrogen peroxide (H2O2) and some liquid detergent (1 ml/l) for about 2 days. The
recovery of nematodes from chopped rather than macerated roots is reduced, possibly
because of oxygen starvation or exhaustion of the nematodes. Washing after maceration
removes inactive and damaged nematodes that would not be recovered by incubation; it also
washes away any phenolic compounds released by the roots (e.g. bananas) which may
inactivate nematodes during incubation. For the incubation period H2O2 is used (a) to provide
oxygen for the nematodes, and (b) to possibly oxidize any further phenols released by the
roots. Liquid detergent ensures that all surfaces of the macerated root tissue are thoroughly
wetted.
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Practical 4 : Extraction using Mist chamber technique 

• Similar to the Baermann funnel method but has the advantage of not creating anaerobic
conditions.

• This technique was is used to extract motile nematodes. It consists in principle of
a Baermann funnel

• The mist is produced by spray nozzles over the plant material or by nozzles
spraying upwards so that the droplets fall in a soft curve onto the plant material.
Sap and toxicdecomposition products of the plant material are washed off with the
funnel overflows allowing extraction times of possibly up to 6 weeks

• Toxic materials do not accumulate, oxygen remains at adequate levels, and nematodes
are not lost during sieving of the samples.

Materials : 
• Knife, pair of scissors or blender;
• Mistifier spray apparatus
• Baermann funnel or Oostenbrink dish);
• Supports (sieves, wire baskets) with legs;
• 20 or 25 lm aperture sieve;
• Glass beaker;
• Dissecting, inverse or compound microscope;
• Counting slide;
• Microscope slide.

Mistifier spray apparatus 
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Method of Mist Extraction is the following : 

1. Set up Baermann funnels.  Place the funnels in a rack, with a concave wire mesh in each
funnel and double-thickness paper tissue over the wire mesh.  Avoid tearing or puncturing
the tissue.

2. Place a large test tube (200 x 25 mm) under each funnel, with the bottom third of the funnel
stem inserted in the test tube. A spacer is required between the funnel and the test tube,
to permit water in the test tube to overflow and not flood the funnel.

3. Remove pebbles, trash, etc., from the soil samples.  Cut feeder roots into 0,5 to 2,5 cm
lengths.  Cuts bulbs, corms, tuber, storage roots, foliage, stems, and woody tissues into
cubes about 10 cm3 or pieces 3 to 4 mm long.

4. Carefully place about 60 cm3 (1/4 cup) of moist soil or plant material, as prepared in step
2, uniformly over the tissue in each funnel.  Label the funnels and test tubes with the
sample number, time, and date.  Place the labeled tubes in a test tube rack.

5. Place the loaded funnel rack in a mist chamber, close the chamber door or curtain, turn
on the misting system, and incubate for three to five days (or two days, for bud and foliar
nematodes).  Water under pressure is sprayed through small nozzle orifices, creating a
fine mist that covers the material to be extracted.  A solenoid in the line, connected to a
time clock, provides an intermittent misting cycle of 1.5 min on and 8.5 min off without
dripping.  Water perlocating slowly through the funnel will gradually fill the test tube and
overflow.  The motion and density of nematodes (specific gravity greater than 1.0) cause
them to settle and concentrate at the bottom of the test tube.  A water pressure of about
2.8 kg/cm2 (40 psi) is usually needed to supply a fine mist.  Carefully regulate the supply
of water to move the nematodes without washing them out of the funnel.  Water at 27-
29oC (80-85oF) is essential for good recovery.

6. After the extraction period, carefully remove the funnel stems from the test tubes.  With a
large pipette, remove the nematodes in a few milliliters of water from the bottom of each
tube, and transfer them to a 50-ml beaker or viewing dish.  Avoid stirring the water while
removing the nematodes, or they will be resuspended.

Use a clean pipette for each sample, or rinse the pipette inside and outside before reusing it, 
to avoid contamination of the next sample. 
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Practical 5: Mounting of nematodes 

Preparation of Temporary and Semi-Permanent Mounts 

Objectives of the Laboratory : 

1. Prepare ringed slides for mounting nematodes
2. Make a temporary mount of nematode
3. Outline the procedure for making semi-permanent mounts
4. Collect nematodes from various habitats

Material needed for this laboratory : 

- Forceps 
- Light microscope 
- Nematode pick 
- Slide sitorage box 
- Alcohol lamp (Bunsen) 
- Baermans funnels 
- Butyl acetate 
- Cheesecloth 
- 2% formalin 
- Glass Coverslips 
- Glass microscope slides 
- Immersion oil 
- Matches 
- Nail polish 
- Plastic bags 
- Slide labels 
- Slide ringer 
- Small paint brush 
- Syracuse dishes 
- Trowels or soil sampling tube 
- Water  

I.  Practice making ringed slide for mounting nematodes 
1. Wipe a pre-cleaned slide with a clean cheesecloth.  (do not clean the slide with

alcohol because the nail polish will not stick to the glass properly).
2. Center a glass slide on the slide ringer.
3. Dip a small brush into a thinned solution of nail polish.
4. Gently spin the slide in the ringer and touch the loaded brush to the slide using the

scribed circle as a guide.  (Angel the brush so that the nail polish is dragged off the
brush onto turning slide).
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5. Vary the height of the ring to match the different diameters of various nematodes.
6. Allow the ring to dry for at least 30 minutes in a level slide tray before mounting a

specimen.  (keep it covered to prevent dust from ruining the ring)

II. Practice making temporary mounts in water
1. Pick 10 specimens of each species with a nematode pick and transfer them into a

drop of water on a heavily ringed slide.
2. Gently kill the nematodes over an alcohol flame.  Use just enough heat to straihten

the specimens.
3. Gently place a coverslip on top of the drop, and carefully absorb the excess water

with triangular pieces of filter paper.  (Placing the coverslip is the hardest part in
making mounts of nematodes).

4. Seal the slide with a thick layer of nail polish.  (be sure to use enough so that the
water will not evaporate)

III. Practice making semi-permanent mounts in 2% formalin
1. Pick 10-15 specimens with a nematode pick and transfer them into a drop of

water on aheavily ringed slide.
2. Gently kill the nematodes over an alcohol flame.  Use just enough heat to

straighten the specimens.
3. Transfer 5-7 of the best specimens to the bottom of a drop of 2% formalin on

a ringed slide.
4. Gently place a coverslip on top of the drop and carefully absorb the excess

formalin with triangular pieces of filter paper.
5. Seal the slide with a thick layer of nail polish. (be sure to use enough so that

the formalin will not evaporate).
6. Label the slide with the name of the genus and species (if known), the number

and sex of specimens, and the date that the slide was made.
7. Observe the specimens under low and high power on the compound light

microscope.
8. Make drawings of all of the details that you can see.  The instructor will give

general directions for preparing drawings.  In some cases it may be necessary
to make composite drawings to show all of the structures that were seen in
various specimens.

IV. Practice making semi-permanent mounts (20 slides)
1. Collect several soil samples from different habitats.  (keep the samples in

closed plastic bags to prevent drying)
2. Process the samples as soon as possible after collecting by placing 50 cc of

soil on a Baermann funnel.  (Processing equipment will be available in the lab.)
3. Draw off the funnel 24 hours after processing and store the nematodes in a

Syracuse watch dish in the refrigerator.  (stack the dishes, provide them with a
cover to prevent them from drying out, and label them with your name)

4. Prepare semi-permanent mounts of the extracted nematodes in 2% formalin
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5. Identify the nematodes to genus.  (later labs will provide the necessary
information and keys for identifying the plant-parasitic nematodes to genus).

6. Each mount should contain at least 5 adult nematodes of the same genus.
Make the mount carefully; preparations containing air bubbles are useless
because specimens will be evaluated by the instructor).

7. Label the slides with the following information :
Label on left side: Genus, number of specimens, and sex
Label on the right side: Your name, source of the specimens, locality, and date
prepared.

8. Turn in slides of at least 20 different genera as soon as they are made because
the specimens deteriorate rapidly in semi-permanent mounts.

Preparation of Permanent Mounts 

 Objectives of the laboratory : 

1. Make a permanent mount of a nematode
2. Outline the procedures for making permanent mounts of nematodes.

Preparation of  permanent mounts of specimens (use Cobb slides) 

1. Wash 25 mm square coverslip (# 1 thickness) with alcohol.
2. Attached coverslip to glass slide with small pieces of scotch tape
3. Add small drop of desiccated glycerin to center of square coverslip
4. Place 5-10 nematodes at bottom of glycerin drop.  Select only specimens of the same

genus.
5. Place 3 short glass fibers (angel hair) in glycerin drop as coverslip supports.  These fibers

should be slightly smaller in diameter than the nematodes.
6. Wash 18 mm round coverslips  (# 1 thickness) with alcohol.
7. Heat round coverslip gently over alcohol flame and place over glycerin drop with curved

forceps.  It is important to center the coverslip properly!
8. Tack round coverslip at 2-3 points with nail polish
9. After nail polish has dried 915-20 mm), remove excess glycerin with small filter paper

strips and ring coverslip completely with a thick seal of nail polish.
10. Examine mounts with the oil immersion objective and select good nematode preparations
11. Remove good coverslip mounts from glass slides and place into Cobb slides.
12. Label Cobb slides

Instructions for making permanent nematode mounts in Glycerin 

Thone’s slow Method 

1. Relax specimen by gentle heat in a drop water on slide
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2. Transfer nenmatodes to a vial wih FAA or 2 % formalin and fix for 24-48 h.
3. Transfer specimens to a solution of 1.25% glycerin in 20% alcohol (add trace of copper

sulfate to prevent fungal growth) contained in a BPI dish or round-bottom glass dish.
4. Place container wih nematodes inpartially closed petri-dish and transfer the letter to a

small airtight desiccators containing calcium carbonate as desiccating agent.  Leave for
4-6 weeks at30-35oC

5. After complete evaporation of the alcohol, place the container with nematodes in calcium
chloride desiccators for 2-3 days.

6. Mount nematodes in anhydrous glycerinon Cobb aluminium slides
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Discussion: Symptom assessment of 
Under Ground portion and Above

Dr. Nurjanah
Indonesian Agricultural Quarantine Agency (IAQA)

TRAINING WORKSHOP ON PLANT PARASITIC NEMATODES
ARIAQ, Bekasi, Indonesia, 23rd February to 7th March 2020

Under ground symptom assessment (1)

Most plant-parasitic nematodes occur in soil around roots
and are ectoparasitic, but many endoparasitic species are
found abundantly in rhizosphere soil.
Below-ground symptoms may be more useful than top
symptoms for diagnosing nematode problems.
Galls caused on roots by root-knot
nematodes, abbreviated 62 roots or stunted root
growth, necrotic lesions in the root cortex, and root
rotting may all be symptoms of nematode problems.
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An experienced observer can often see cyst nematodes
(Heterodera, Globodera and Cactodera spp.) on the roots of their hosts without
magnification.
The young adult females are visible as tiny white beads, about the size of a period on this
page. After a female cyst nematode dies, her white body wall is tanned to a tough brown
capsule containing several hundred eggs. Important cyst nematodes found in Florida
include soybean cyst nematode (H. glycines) on soybeans and a few leguminous weeds,
beet cyst nematode (H. schachtii) on cabbage and related plants, St. Augustine grass cyst
nematode (H. leuceilyma) on St. Augustine grass and cactus cyst nematode (C. cacti) on
Christmas cactus and related plants. H. cyperi is a cyst nematode occasionally found
infesting nutsedges (Cyperus spp).

Under ground symptom assessment (2)

Root symptoms are produced by three kinds of reactions:

A hyperplastic reaction results in hypertrophy and hyperplasia in which both cell
number and cell size are increased. Simple hyperplastic galling of root tips is caused by
the feeding of Xiphinema, Hemicycliophora and Belonolaimus spp. Feeding
by Meloidogyne spp. results in severe hypertrophy and hyperplasia of cells;
multinucleate giant cells are formed at the feeding site in the cortex, endodermis and
pericycle.
A hypoplastic reaction that inhibits growth in meristematic tissue and causes stunted
and stubby roots is caused by the feeding of tylenchorhynchids and trichodorids,
respectively.
A necrotic reaction is caused by nematode feeding, their movement within the tissues
and the presence of micro-organisms. Browning and shrivelling of feeder roots is caused
by ectoparasitic nematodes. Pratylenchus spp. and Radopholus spp. cause extensive
necrotic lesions in roots by their feeding and movement
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Plant parasitic nematodes found in all stages of development in soil 
sampels, including ectoparasites and immature endoparasites

Paratylenchus
Criconemella andrelared genera
Pratylenchus
Radopholus
Paratrichodorus
Helicotylenchus
Tylenchorhynchus
Rotylenchus

Hemicycliophora
Hoplolaimus
Hirsmaniella
Xiphinema
Belonolaimus
Dolichodorus
Longidorus

Genus :

Under ground symptom assessment (3)

Thylenchlus
Rotylenchulus
Meloidogyne
Heterodera
Globodera

Pratylenchulus
Radopholus
Helicotylenchus
Tylenchulus
Rotylenchulus
Meloidogyne
Heterodera
Globodera
Nacobus
Hirscmanniella

Plant parasitic 
nematodes found in soil 

and roots

Plant parasitic 
nematodes found in 

roots

261



Above-ground symptoms (1)

Above-ground symptoms fall into two categories: 
those caused by aerial nematodes attacking foliage; and
those caused by root nematodes attacking plant roots.

Symptoms caused by aerial nematodes.
These are often specific symptoms associated with the nematode pest and therefore may be 
diagnostic. They include:

Anguina) or leaves (e.g.
Cynipanguina)

Aphelenchoides)
Swollen, crinkled and disorganized tissue growth (e.g. Ditylenchus)

Internal stem necrosis, signified with a red ring (Bursaphelenchus cocophilus)
Inflorescence necrosis
Chlorosis/browning of leaves (needles in pines) and eventual tree death
(Bursaphelenchus xylophilus).

Symptoms caused by root nematodes
Root nematodes almost always cause varying degrees of abnormal above-ground growth, but 
these symptoms alone are generally not enough to diagnose a root nematode problem. Most 
symptoms reflect or can be mistaken for other problems, such as reduced water uptake or 
disturbed mineral absorption. They include:

Chlorosis (yellowing) or other abnormal coloration of foliage

Above-ground symptoms (2)
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General above-ground symptoms of nematode infection include unthrifty 
reduced growth, severe stunting, chlorosis and wilting of leaves and 
reduced quality and quantity of produce. Root damage includes swelling 
and knotting; shrivelling, splitting and cracking; brown necrotic lesions; and 
stubby, broken or girded rootlets.
parasites of above-ground plant parts (Aphelenchoides ritzemabosi, A.
besseyi, Ditylenchus dipsaci). Seed-borne pathogenic nematodes (Anguina
tritici, Aphelenchoides arachidis, Ditylenchus dipsaci) have developed
special adaptive mechanisms, such as the ability to withstand desiccation,
for their survival and dispersal

Above-ground symptoms (3)

Migratory parasites of above-ground plant parts (1)

Aphelenchoides besseyi, the causal agent of white tip
disease of rice, is a migratory ectoparasite and is seed-
borne.
The bud and leaf nematodes (Aphelenchoides
ritzemabosi and A. fragariae) feed ectoparasitically on buds
and parenchymatous cells of the leaf mesophyll. A.
ritzemabosi parasitizes leaves of chrysanthemum and other
ornamentals.
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Migratory parasites of above-ground plant parts (2)

Red ring disease of coconut is caused by Rhadinaphelenchus
cocophilus in the Caribbean and northern parts of South 
America. It is transmitted to new trees by the palm 
weevil, Rhynchophorus palmarum. Bursaphelenchus
lignicolus causes a destructive disease of pine trees in 
Japan. 
Stem and bulb nematode Ditylenchus dipsaci. 

+ Plant parasitic nematodes found in or on aboveground
parts of Plants 

Genus Remarks
Anguina Found in galls on leaves, stems and seed, especially of 

cereals and grasses 
Ditylenchus Endoparasitic or ectoparasitic on bulbs, stems, leaves and 

seed of many plants
Aphelenchoides Ectoparasitic or endoparasitic on buds, leaves, and seed of 

many plants
Bursaphelenchus Endoparasitic and migratory on woody tissues in trunk 

and branches of pines and plams
Associated with slight necrosis.
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Deformed heads of barley and wheat due 
to seed gall nematode
Anguina tritici [RS].

Crinkling/twisting of
rice leaves by Ditylenchus angustus
[JB].

Above-ground symptoms caused by aerial nematodes attacking foliage (1)

Above-ground symptoms caused by aerial nematodes attacking foliage (1)
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Dispersal

Human activities and cargo traffic by land, sea and air have tremendously
increased the chances of dispersal of plant nematodes.
Exotic pests are constantly being introduced into clean areas. The nematodes
are brought in with exotic plants, imported grain, vegetable and fruit produce
and in soil attached to packing material, machinery, tyres of motor vehicles,
tools and even shoes.
Live third-stage juveniles, which is the dispersal stage of the pinewood
nematode Bursaphelenchus xylophilus, were recovered in Finland from pine
boards used in a packing case imported from Canada (Tomminen, 1991).
Dispersal through wind, rain and floodwater respects no national boundaries.

Thank 
you
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Molecular identification of nematodes 

1. Extraction of DNA from an individual nematode

・ Make 2 samples per person, 10 samples per group. 

・ Add 10 μL of the DNA extraction mixture to the bottom of the PCR tube. 

 DNA extraction mixture 10 μL: ISOHAIR (DNA extraction kit from hair and nails, Nippon

Gene Co. Ltd.); Enzyme solution 0.5 μL, Lysis solution 0.5 μL, x100 Extraction buffer 9.0

μL

・ Catch one nematode under a stereomicroscope. 

・ Pick the nematode using the needle into the DNA extraction mixture at the bottom of the PCR 

tube 

 Be careful not to hit the needle against the tube wall.

 If possible, check with a microscope to see if nematode has entered the liquid.

・ Close the lid of the PCR tube, name the tube, and set it in the PCR device. 

・ Perform the reaction at 55℃ for 30 min → 95℃ for 10 min → 4℃. 

・ After the reaction is completed, add 40 μL of pure water to the PCR tube with a micropipette, 

and mix well. 

・ Use this as a DNA template. 

・ When not continuing immediately, store samples at -20℃. 

2. PCR assay

・ Add 2 μL of DNA template to the bottom of the PCR tube using a micropipette. 

・ To a 1.5 mL tube, add 100 µL of PCR premix (Premix Ex Taq™ Hot Start Version, Takara Bio 

Inc.), 60 µL of DW, 10 µL of primer TW81, and 10 µL of AB28, and mix well. 

 Make one in a group

 PCR primer for rDNA ITS regions: TW81; 5'-GTTTCCGTAGGTGAACCTGC-3 ', AB28; 5'-

ATATGCTTAAGTTCAGCGGGT-3'

・ Add 18 μL of the above mixture to a PCR tube containing 2 μL of DNA template. 

 The total volume of the reaction solution is 20 μL.

 If water droplets are seen on the tube wall, centrifuge with a tube centrifuge to drop all the

water droplets to the bottom of the tube.

・ Set the PCR tube in the PCR device. 

・ Perform the reaction at 94°C for 2 min → (94°C for 1 min → 50°C for 1 min → 72°C for 3 min) 

x 35 times → 72°C for 5 min → 4°C 

 This takes about 3 hours.

・ End of PCR 
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・ When not continuing immediately, store samples at -20℃. 

3. Gel Electrophoresis

3-1. Preparation of 1.2% agarose gel 

・ Make one gel per group. 

・ Weigh 50 mL of TBE buffer with a graduated cylinder and pore into a 200 mL beaker. 

・ Weigh 0.6 g of agarose gel powder with an electronic balance and place in the above beaker. 

 Agarose S (Standard type, Nippon Gene Co., Ltd.)

 Add the powder slowly so that the powder does not clump.

・ When the agarose gel powder is well suspended, cover with wrap. 

・ Put in a microwave and heat to completely dissolve the gel. 

 After boiling once, remove from the microwave, put on gloves, bring down the beaker, mix,

and boil again in the microwave.

 Be careful about burns.

 When it boils again, remove it from the microwave and shake slowly well until the gel is

uniform.

・ Perform the following steps quickly before the gel hardens. 

・ Mix 5 μL of GelRed with the dissolved gel using a micropipette. 

 GelRed; DNA staining fluorescent dye (Low toxicity, high sensitivity, and excellent thermal

stability, Cosmo Bio Co., Ltd.)

・ Shake well until uniform. 

 At this time, shake gently so that air bubbles are not generated.

・ Place the gel preparation stand on a horizontal surface, set the gel tray and comb (13 side), and 

slowly pour the melted gel. 

 Do not make the gel too thick. About 70-80% of the tray height. The gel may be left over.

 If bubbles occur, remove them with a kimwipe.

 Never touch the gel until the gel hardens.

 It takes 20 to 30 min to harden depending on room temperature.

3-2. Electrophoresis 

・ Fill the electrophoresis apparatus (Mupid) with TBE buffer to the extent that the raised part in 

the electrophoresis tank sinks. 

・ Slowly remove the comb from the solidified gel, remove the gel tray from the gel preparation 

stand, lift it up, and gently submerge it in the buffer of the electrophoresis tank. 

・ Add TBE buffer until the gel is completely submerged. 
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・ Take 8 µL of the reaction solution from each PCR tube on a parafilm or wrap with a 

micropipette, add 2 µL of 6x loading buffer, and mix well. 

 Do not discard the remaining PCR solution yet.

・ Use a micropipette to pour 5 μL of DNA ladder marker (500 bp Ladder) into the 

leftmost well of the gel.  

・ From then on, pour 10 μL of each sample into the well with a micropipette. 

 Remember which lane your sample is in.

・ Finally, pour 5 μL of the DNA ladder marker again. 

・ Cover the electrophoresis apparatus and perform electrophoresis at 100V for 20 

min. 

 After switching on, observe for a while to confirm that the dye in the loading buffer has

moved.

 Do not touch the device during electrophoresis.

・ When the electrophoresis is completed, remove the gel and transfer it to a gel imager. 

 Transfer only the gel into the gel imager, not with tray.

 At this time, bubbles are prevented from entering.

・ Close the lid of the gel imaging device and irradiate the gel with UV. 

・ Observe and photograph the appearing DNA band. 

 In the case of primer TW81-AB28, a DNA band is observed around 700-1,200 bp.

4. RFLP assay

4-1. Restriction enzyme treatment 

・ Take 8 µL of the reaction solution from each PCR tube on a parafilm or wrap with 

a micropipette, add 1 μL of the restriction enzyme Hinf I and 1 μL of the attached 

buffer to each sample using a micropipette and mix well. 

・ Using a PCR device, perform restriction enzyme treatment at 37°C, overnight. 

4-2. Preparation of 3% agarose gel 

・ Make one gel per group. 

・ Weigh 50 mL of TBE buffer with a graduated cylinder and place in a 200 mL beaker. 

・ Weigh 1.5 g of agarose gel powder on an electronic balance and place in a beaker containing 

TBE buffer. 

 PrimeGel™ Agarose PCR-Sieve HRS (High resolution type, Takara Bio Inc.)

 While turning the buffer in the beaker, add the powder little by little so that the powder does

not clump.

・ Thereafter, prepare a 3% agarose gel in the same manner as in 3-1. 
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4-3. Electrophoresis 

・ After the restriction enzyme treatment, perform electrophoresis in the same manner as the 

second time. 

 Remember to insert the DNA ladder marker (100 bp Ladder) on both sides of

the sample lane.

・ The electrophoresis time is 100V for 40 minutes. 

・ Observe and photograph the DNA band with the gel photographing device as in 3-

2. 

 Record the number and size of DNA fragment bands.
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Source: Mai WF et al. (1968) Pictorial Key to Genera of Plant Parasitic Nematodes. Art Craft of Ithaca, Inc. 
Ithaca, New York. 66 pp. 
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Panagrolaimus Rhabditis Mononchus 

Free-living Nematodes 

Source: Mai WF et al. (1968) Pictorial Key to Genera of Plant Parasitic Nematodes. Art Craft of Ithaca, Inc. 
Ithaca, New York. 66 pp. 
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Hoplolaimus Meloidodera Belonolaimus Dorylaimus 
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Xiphinema 278



Longidorus 

Source: Mai WF et al. (1968) Pictorial Key to Genera of Plant Parasitic Nematodes. Art Craft of Ithaca, Inc. 
Ithaca, New York. 66 pp. 
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Aphelenchus 

Source: Mai WF et al. (1968) Pictorial Key to Genera of Plant Parasitic Nematodes. Art Craft of Ithaca, Inc. 
Ithaca, New York. 66 pp. 
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Tylenchorynchus 

Meloidogyne 
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Heterodera schachtii 

Source: Mai WF et al. (1968) Pictorial Key to Genera of Plant Parasitic Nematodes. Art Craft of Ithaca, Inc. 
Ithaca, New York. 66 pp. 
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Rotylenchulus 

Source: Mai WF et al. (1968) Pictorial Key to Genera of Plant Parasitic Nematodes. Art Craft of Ithaca, Inc. 
Ithaca, New York. 66 pp. 
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Tylenchulus 

Source: Mai WF et al. (1968) Pictorial Key to Genera of Plant Parasitic Nematodes. Art Craft of Ithaca, Inc. 
Ithaca, New York. 66 pp. 
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Tylenchus 

Source: Mai WF et al. (1968) Pictorial Key to Genera of Plant Parasitic Nematodes. Art Craft of Ithaca, Inc. 
Ithaca, New York. 66 pp. 
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Hemicycliophora 

Source: Mai WF et al. (1968) Pictorial Key to Genera of Plant Parasitic Nematodes. Art Craft of Ithaca, Inc. 
Ithaca, New York. 66 pp. 
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Hemicriconemoides 
Source: Mai WF et al. (1968) Pictorial Key to Genera of Plant Parasitic Nematodes. Art Craft of Ithaca, Inc. 
Ithaca, New York. 66 pp. 
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Criconemoides 

Source: Mai WF et al. (1968) Pictorial Key to Genera of Plant Parasitic Nematodes. Art Craft of Ithaca, Inc. 
Ithaca, New York. 66 pp. 
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Ditylenchus 

Source: Mai WF et al. (1968) Pictorial Key to Genera of Plant Parasitic Nematodes. Art Craft of Ithaca, Inc. 
Ithaca, New York. 66 pp. 
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Pratylenchus 
Source: Mai WF et al. (1968) Pictorial Key to Genera of Plant Parasitic Nematodes. Art Craft of Ithaca, Inc. 
Ithaca, New York. 66 pp. 
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Radopholus 

Source: Mai WF et al. (1968) Pictorial Key to Genera of Plant Parasitic Nematodes. Art Craft of Ithaca, Inc. 
Ithaca, New York. 66 pp. 

291



Hirschmanniella 

Source: Mai WF et al. (1968) Pictorial Key to Genera of Plant Parasitic Nematodes. Art Craft of Ithaca, Inc. 
Ithaca, New York. 66 pp. 
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Tylenchorhynchus 

Source: Mai WF et al. (1968) Pictorial Key to Genera of Plant Parasitic Nematodes. Art Craft of Ithaca, Inc. 
Ithaca, New York. 66 pp. 
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Helicotylenchus 

Source: Mai WF et al. (1968) Pictorial Key to Genera of Plant Parasitic Nematodes. Art Craft of Ithaca, Inc. 
Ithaca, New York. 66 pp. 
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Rotylenchus 

Source: Mai WF et al. (1968) Pictorial Key to Genera of Plant Parasitic Nematodes. Art Craft of Ithaca, Inc. 
Ithaca, New York. 66 pp. 
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Hoplolaimus 

Source: Mai WF et al. (1968) Pictorial Key to Genera of Plant Parasitic Nematodes. Art Craft of Ithaca, Inc. 
Ithaca, New York. 66 pp. 
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